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Abstract 

One of the most distinctive features of eukaryotic chromosomes is the bundling 
of DNA together with functionally associated RNA and proteins in chromatin. 
This allows huge amounts of DNA to be packed inside the very tiny space of the 
nucleus, and alterations in the structure of chromatin enable access to the DNA 
for transcription (“reading” genes by production of RNA copies). Much of the 
current knowledge of chromatin structure and regulation comes from studies of 
Drosophila melanogaster. When the chromatin structure is open the 
transcription of a gene can start after recruitment of the necessary factors. The 
main enzyme for gene transcription is Polymerase II (Pol II). For successful gene 
transcription, Pol II must not only be recruited to the gene’s promoter, but also 
escape from a pausing state which occurs soon after transcription initiation. 
CBP/P300 is one of the co-activators involved in transcriptional activation. In the 
studies this thesis is based upon, my colleagues and I (hereafter we) discovered a 
new function for CBP in transcription activation. Using high throughput 
sequencing techniques, we found that CBP directly stimulates recruitment of Pol 
II to promoters, and facilitates its release from the paused state, enabling 
progression to the elongation stage of transcription.  

For cells to remember their identity following division during development, the 
transcriptional state of genes must be transmitted. Intensively studied players 
involved in this memory are the Polycomb group (PcG) proteins, responsible for 
maintaining the repressed state of important developmental genes. The core 
members are Polycomb repressive complex 1 and 2 (PRC1 and PRC2), which are 
recruited in flies through poorly known mechanisms to target genes by so-called 
Polycomb response elements (PREs). Using Drosophila mutant cell lines, we 
showed that (in contrast to previous models) some PREs can recruit PRC1 even 
when PRC2 is absent. We also observed that at many PREs, PRC1 is needed for 
recruitment of PRC2 and concluded that targeting PRC complexes to PREs is a 
much more flexible and variable process than previously thought.  

Some phenotypic effects of environmental changes can be transferred to 
subsequent generations. Previous efforts to identify the mechanisms involved 
have focused on material (mainly, but not only, DNA) transferred through germ 
cells. However, organisms’ microbiomes are also transferred to the next 
generation. Thus, to investigate possible contributions of microbiomes to such 
transfer, we used fruit flies as the microbiomes they inherit can be easily 
controlled. We altered some parents’ environmental conditions by lowering the 
temperature, then grew offspring that received microbiomes from cold-treated 
and control parents in control conditions and compared their transcriptional 
patterns. Our results suggest that most of the crosstalk between the microbiome 
and the fly happens in the gut, and that further investigation of this previously 
unsuspected mode of inheritance is warranted.  
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Introduction  

1 Genome architecture 

 Nucleosomes 

A fundamental characteristic of eukaryotic cells is that the strand of DNA in each 

chromosome, which may consist of several giga pairs of nucleobases (base pairs, 

bp), is bundled in chromatin together with structurally and functionally 

associated proteins and RNAs. Essentially, the DNA is folded around octameric 

proteins called histones, in structures first observed by electron microscopy and 

later called nucleosomes (Olins and Olins, 1973; Kornberg, 1974). Each 

nucleosome contains 145-147 bp of DNA wrapped almost twice around an 

octameric core consisting of pairs of H2A, H2B, H3 and H4 histones. Another 

histone subunit, histone H1, acts as a linker enabling packaging into higher-order 

structures. The packaging of DNA into chromatin is a key evolutionary difference 

between eukaryotes and prokaryotes, as it enables massive diversity in gene 

expression patterns and hence inherent biological complexity (Struhl, 1999). It 

also provides strong safeguards against spontaneous and inappropriate 

transcription (Lomvardas and Thanos, 2002). However, the significant 

advantages of the chromatin structure are accompanied by challenging needs for 

complex regulatory machinery to open the chromatin structure at appropriate 

times and places, as outlined below. 

 Chromatin types 

The multistep packaging of chromatin allows the human DNA, which is nearly 2 

meters long, to condense incredibly tightly into a volume about 5 micrometers 

wide. In mitosis (during prophase) the chromatin adopts its most compact form, 

now known as the chromosome. However, the DNA is not accessible in this form, 

so the chromatin must be decondensed to enable essential proteins to access it 

during processes such as transcription, replication and DNA damage repair. To 

grasp the decondensation process of chromatin, which needs to happen in the 

right places along chromosomes at the right times, we need to understand 

different types of chromatin. Classically, two types of chromatin were recognized, 

based on their compaction. The first type is heterochromatin; a tight and 

condensed form of chromatin formed by stacking of multiple nucleosomes. 

Heterochromatin is associated with repression of gene activities and the DNA 

within it is not easily accessible. However, heterochromatin contains many 

proteins, and both the proteins and DNA may have diverse chemical 

modifications, with various functions (not all known). Some of these 
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modifications are discussed further in this thesis. The other type of classically 

recognized chromatin is called euchromatin, which unlike heterochromatin is 

loosely packed and thus contains more accessible DNA and most active parts of 

the genome. The euchromatin structure has been likened to “beads on a string”, 

as sets of nucleosomal particles, on average every 200 ±40 bp (Kornberg, 1974), 

are connected via linker DNA (Olins and Olins, 1973; Zlatanova and Leuba, 

2003). However, more types of chromatin and intermediate states are now 

recognized. For instance, Filion et al. (2010) identified five types of chromatin 

based on genome-wide protein mapping in Drosophila cells, and  Kharchenko et 

al. (2011) identified 9 or 30 states of chromatin in fruit flies (using different 

approaches) in higher-resolution genome-wide analyses.   

 

Moreover, nucleosomes and chromatin structure generally are highly dynamic 

and constantly changing, in accordance with cells’ needs to regulate various 

processes in time and space (Zlatanova and Leuba, 2003). These dynamic 

changes, sometimes referred to as nucleosome breathing, together with other 

reorganizations of chromatin, enable access of the most highly compacted DNA 

(Eslami-Mossallam, Schiessel and van Noort, 2016).  

 3D structure of chromatin 

Apart from nucleosomes, which are the main physical factors involved in DNA 

compaction, chromatin also has structures at other orders. For example, 

chromatin can form loops connecting regions up to one megabase pairs apart and 

even regions located on different chromosomes. This non-random looping is 

essential for regulation of transcription in various cell types and organisms. 

During the past decade, many studies have examined the three-dimensional 

organization of chromosomes using methods such as chromosome conformation 

capture or, for short, 3C (Dekker et al., 2002). A similar optimized method used 

for studying this 3D conformation is ‘Hi-C’, which combines chromatin 

crosslinking with fragmentations and proximity ligation followed by high-

throughput sequencing (Lieberman-Aiden et al., 2009). With experimental and 

computational advances, especially in sequencing techniques, new 

methodologies are being rapidly developed for this purpose, as reviewed by 

Schmitt, Hu and Ren (2016). Two types of structures generally observed (using 

different methods) in studies of the 3D conformation of chromosomes are 

topologically associated domains (TADs) (Nora et al., 2012) and chromosome 

compartments A and B (Rao et al., 2014). TADs are genomic regions with high 

levels of contact frequencies within them. TADs have taxa-specific sizes and 

positions, for instance in Drosophila they are smaller than in vertebrates (Pombo 

and Dillon, 2015). The “compartments” are higher-level structures: “A” 

compartments are regions of chromosomes that are relatively open and 
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accessible while “B” compartments are less transcriptionally active (Lee et al., 

2018) Finally, these compartments shape ‘chromosome territories’, the highest 

order of chromatin assemblies, dictating chromosomes’ localization in the 

nucleus (Cremer and Cremer, 2001). These structural features have been utilized 

in studies of gene expression, development, and diseases (Bonev and Cavalli, 

2016). Several factors contribute to the 3D conformation  of chromatin and its 

regulation, including architectural proteins such as Mediator and Cohesin, 

nucleosome remodelers such as the SWI/SNF family, reviewed by Tang, Nogales 

and Ciferri (2010), transcription factors (TFs) and non-coding RNAs (ncRNAs).  

Although the 3D structure of the chromatin is generally stable, it has high 

dynamic capabilities allowing it to “jiggle”, thereby enabling tight regulation of 

the accessibility of specific DNA sequences during developmental stages and cell 

proliferation. Conversely, expression of some genes may change the 3D structure 

of the chromatin (Sevier and Levine, 2018).  

 Histone modifications 

Up to 90% of the genomic DNA of eukaryotic cells is enfolded in nucleosome 

structures.  Nucleosomes are physical barriers that bend the DNA and hinder 

gene transcription. In addition, a pioneering study by Allfrey and co-workers in 

the 1960s (Allfrey, Faulkner and Mirsky, 1964), and many other groups since 

then, have shown that several post-translational modifications (PTMs) of the 

histone residues modulate the chromatin’s accessibility. PTMs add to the 

complexity of gene regulation through reversible mechanisms providing the 

flexibility needed for cells to respond appropriately to environmental signals. 

PTMs of histone tails, referred to as histone “marks”, orchestrate which genes 

should be turned on or off, active or repressed. Histones are marked and 

unmarked by a system of tightly regulated enzymes that remodel nucleosomes. 

Some of these enzymes act as “writers”, marking histones with chemical groups 

that are recognized by another set of “reader” enzymes, often as complexes of 

effector proteins that recognize and bind to the modified histones. Interestingly, 

writers can also often read, and reinforce, the modification marks (Zhang, Cooper 

and Brockdorff, 2015). Finally, “eraser” enzymes remove the marking when 

necessary (Gates, Foulds and O’Malley, 2017). 

 

Most histone modifications occur at histones’ N-terminal residues, and thus are 

relatively accessible from the surface. The most common and widely studied 

histone modifications include acetylation, methylation, and phosphorylation 

(Luger et al., 1997; Kouzarides, 2007; Lawrence, Daujat and Schneider, 2016). 

However, there are also several other types, including ubiquitination (addition of 

a ubiquitin group; a relatively large modification) and sumoylation (addition of 
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small ubiquitin-like modifiers). More modifications are being discovered and 

identified with increasing numbers of studies and use of modification-specific 

antibodies (Kebede, Schneider and Daujat, 2015). The development of chromatin 

immunoprecipitation techniques following by microarray analysis (ChIP-chip) 

and sequencing (ChIP-Seq) has enabled acquisition of extensive knowledge of 

histone modifications promoting or hindering gene expression (Heintzman et al., 

2007; Xhemalce, Dawson and Bannister, 2011). However, these techniques 

cannot detect different modifications of histones within a single nucleosome, for 

which a combination of mass spectrometry and top-down proteomic analysis is 

helpful (Macek et al., 2006; Kouzarides, 2007). Over 100 types of histone 

modification have been detected to date, which are conserved from yeast to 

humans, and many more may be discovered (Gates, Foulds and O’Malley, 2017). 

Many histone modifications act indirectly by mediating recruitment of other 

proteins, including TFs and chromatin modifiers. However, some modifications 

can act directly and change the chromatin structure themselves (Akhtar and 

Becker, 2000; Shogren-Knaak et al., 2006; Lu et al., 2008; Lawrence, Daujat and 

Schneider, 2016). Some of the main types of modification are briefly discussed in 

the following sections. 

1.4.1 Acetylation 

One of the most common types of histone PTMs is acetylation, a process 

governed by histone acetyltransferases (HATs, also known as KATs) and histone 

deacetylases (HDACs), which respectively catalyze the addition and removal of 

acetyl groups. The acetyl group is negatively charged, thus its addition 

neutralizes positively charged nucleosomes, leading to decondensation of 

chromatin (Carrozza et al., 2003; Chrun, Modolo and Daniel, 2017).  Most 

histone modifications, including acetylation, occur on lysines (Azevedo and 

Saiardi, 2016). Acetylations on residues of histones H3 and H4 are usually 

linked to the active state of associated genes, partly due to the nucleosomes’ 

neutralization reducing their instability and thus increasing accessibility for 

transcriptional machinery (Pradeepa, 2017). 

Moreover, acetylation acts as a linker for binding of bromodomain, a common 

domain of many types of proteins. Upon recognition of an acetyl group, a 

bromodomain-containing protein will either act directly through other domains 

(e.g., chromatin remodeling domains), or recruit other proteins to the site. 

Acetylation and deacetylation are very rapid processes that can even occur within 

a single cell cycle. Two of the most well-known acetylation marks occur on the 9th 

and 27th lysines of histone H3 (H3k9ac and H3K27ac, respectively) and are often 

associated with sites in active promoters, especially H3K27ac. 

  



5 

1.4.2 Methylation 

Histone methylation is slightly more complex than acetylation (and 

phosphorylation), but does not change nucleosomes’ charge. It may be associated 

with gene activity or inactivity. There are three forms: mono-, di-, and tri-

methylation, i.e. addition of one, two, and three methyl groups, respectively. The 

methylated amino acid residues are lysines (by 1-3 methyl groups) or arginines 

(by one or two methyl groups). The best characterized histone methylation marks 

occur on lysines of histone H3 at positions 4, 9 and 27 (H3K4me, H3K9me, and 

H3K27me). H3K4 tri-methylation is associated with gene activity and occurs 

around promoters of active genes while H3K36 di-methylation seems to occur 

within gene bodies (Suzuki, Murakami and Takahata, 2017). The other two 

mentioned lysine methylation marks on histone H3 (H3K9me2/3 and 

H3K27me1/2/3), as well as H4K20 tri-methylation, are associated with gene 

inactivity and are not restricted solely to promoter sites. They are often spread 

along genes’ bodies and even into untranslated regions (Schotta et al., 2004; 

Barski et al., 2007; Wang et al., 2008). However, while H3K20 trimethylation is 

linked with heterochromatin, H3K20me1 is often associated with active regions, 

including promoters or coding regions of active genes (Talasz et al., 2005). 

Similarly, H3K9me3 has suggested enrichment in many active promoters despite 

its supposedly repressive nature (Squazzo et al., 2006; Barski et al., 2007).   

While chromatin modifications such as acetylation and phosphorylation appear 

to be readily reversible, and removing the marks may generally result in an 

opposite outcome, histone methylation appears to be more stable (Bannister, 

Schneider and Kouzarides, 2002). Moreover, methyl groups in modified histone 

tails may promote binding to domains of various proteins. For example, 

Heterochromatin protein 1 (HP1) and Suppressor of variegation 3-9, SU(VAR)3–

9, form a complex that binds to H3K9me (Schotta et al., 2002; Zeng, Ball and 

Yokomori, 2010). 

1.4.3 Phosphorylation 

Like acetylation, histone phosphorylation is a more transient mechanism than 

methylation. It may have various outcomes depending on the residue that is 

modified and the cell cycle stage when it occurs (Barth and Imhof, 2010). 

Phosphorylation rates can change dramatically, e.g. following DNA damage or 

when the cell enters mitosis (Sawicka and Seiser, 2014). Phosphorylation has 

proven association with DNA condensation during mitotic events, but it is also 

linked with chromatin opening and thus promotion of transcriptional activation. 

Several phosphatases and kinases regulate this modification by respectively 

adding and removing phosphate groups.   
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 CpG methylation  

DNA methylation may occur in flies, according to some controversial indications 

(Dunwell and Pfeifer, 2014), but at most rarely. However, it often occurs in 

mammalian genomes, where methyl groups frequently bind to the fifth carbons 

of cytosines in CG dinucleotides in DNA strands (Bird, 1980). These nucleotide 

pairs are usually designated CpG, to distinguish them from CG nucleotide pairs 

in double-stranded DNA. A group of enzymes called DNA methyltransferases, 

Dnmts, catalyze this marking (Jabbari and Bernardi, 2004). CpG sites encompass 

about 1% of the genome in vertebrates; substantially less than the random 

probability (ca. 4%). Some studies suggest that the depletion of CpG dinucleotides 

in vertebrate genomes is due to side effects of cytosine methylation (Alexandrov 

et al., 2013; Tomkova and Schuster-Böckler, 2018). DNA methylation is the most 

intensively studied type of DNA modification, which has vital functions in 

chromatin structure and nucleosome stability (at least in genomes where it 

definitely occurs). Its action mechanism has not been clearly elucidated, but there 

are two main hypotheses. One suggests that DNA methylation directly affects 

DNA-histone interactions by overwrapping DNA around histones or changing 

DNA’s affinity for the histone proteins. The other suggests that DNA methylation 

serves as a mark for recruitment of Methyl-CpG binding proteins (MBDs), which 

then alter the chromatin structure (Collings, Waddell and Anderson, 2013). 

Either way, addition of a methyl group to CpG dinucleotides usually results in 

repression of the neighboring genes, which is essential in many processes of 

vertebrate cells such as X chromosome inactivation, gene imprinting and tissue-

specific gene regulation during development (Jones, 2012). Unsurprisingly, any 

unwanted alteration in DNA methylation can cause gene deregulation, leading to 

a variety of diseases in humans (Robertson, 2005).   

CpG dinucleotides are particularly abundant at some genomic sites (usually 200 

to 1,000 bp long) known as CpG islands or CGIs. Since their discovery, many 

studies have shown that CGIs are associated with transcription initiation, 

especially for housekeeping genes. In mammals, CGIs are associated with 

promoters of about 70% of the genes in total, generally including those of 

housekeeping genes (Saxonov, Berg and Brutlag, 2006; Long et al., 2013). It is 

estimated that the human genome has 28 million CGIs (Stevens et al., 2013). 

Mapping of all human and mouse CpG islands has shown that more than half of 

them, so-called “orphan” CGIs, are located remotely from known promoters. 

Orphan CGIs have characteristics of functional promoters but are often 

methylated during development (Illingworth et al., 2010). Nevertheless, Cap 

analysis of gene expression (CAGE) (Shiraki et al., 2003) and Global run-out 

sequencing (Gro-Seq) (Core, Waterfall and Lis, 2008) have provided evidence of 

transcriptional initiation in nearly 40% of orphan CGIs. Moreover, trimethylation 

of histone H3 at lysine 4 (H3K4me3), a hallmark of active genes, is frequently 
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found at these sites. Collectively the evidence suggests that orphan CGIs are 

associated with transcription of genes that are activated tissue-specifically and 

potentially only under certain conditions (Illingworth et al., 2010; Deaton and 

Bird, 2011).  
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2 Transcription 

Transcription of DNA is deployed and regulated in four dimensions of space and 

time. For example, locations of active genes in the three spatial dimensions of 

both chromatin fibers and nucleic space may change during development or in 

response to environmental stimuli (Papantonis and Cook, 2010). In addition, the 

timing of transcription is controlled through continuous adjustable processes 

influenced by internal and external stimuli. Briefly, transcription is the process 

whereby complementary RNA (ribonucleic acid) molecules are generated from 

DNA (deoxyribonucleic acid) sequences. The main enzymes involved in this 

process are RNA polymerases. Transcription in both eukaryotes and prokaryotes 

involves three main steps: initiation, elongation, and termination. However, this 

thesis focuses solely on transcription in eukaryotes, particularly D. melanogaster.  

 Initiation of transcription 

The first step in transcription is start site selection, in which key proteins bind to 

DNA at the site where transcription will begin (Smale and Kadonaga, 2003), but 

before that the chromatin must be opened, as described in the following section. 

2.1.1 Opening of chromatin 

Chromatin is opened partly through neutralization of DNA by an enzyme called 

DNA acetyltransferase (HAT) (Brownell et al., 1996; Carrozza et al., 2003). This 

neutralization reduces histones’ affinity for DNA strings and may result in 

nucleosome remodeling. However, the remodeling alters the relative positions of 

histone molecules along the DNA string. Nucleosomes have dynamic and mobile 

characteristics that are dependent on the DNA sequence and promoted by histone 

modifications (Li et al., 2004). The DNA sequence, to some extent, encodes the 

nucleosome positioning (Segal et al., 2006). Moreover, the sequence’s basal 

properties determine the flexibility of the double helix and thus its capacity for 

bending around histone octamers, which can cause up to 1000-fold variations in 

DNA-histone affinities (Thåström et al., 1999). 

 

Important sets of enzymes, mentioned above, are chromatin remodelers. These 

are all the enzymes involved in the dynamic process of nucleosomal 

arrangements, including placement, displacement and removal of nucleosomes.  

Blossey and Schiessel (2018) have recently presented a nice analogy of chromatin 

remodelers as “clip-on” motors of eBikes, which can engage or disengage the 

bikes’ chains to regulate their velocity. Similarly, chromatin remodelers can bind 

to nucleosomes and pull on the DNA string, thereby triggering nucleosomal 

reconfiguration or rearrangement. Chromatin remodelers or other proteins 
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involved in transcription initiation must identify and interact at proper genomic 

sites to trigger appropriate changes in nucleosomal positioning, initially dictated 

by the DNA sequence characteristics. An important question is whether the DNA 

sequence governs which proteins bind and where they bind, or the remodelers 

override the genetic code and govern nucleosomes’ re-positioning. An attractive 

hypothesis is that the system’s state is governed by equilibrial effects of 

nucleosomes and chromatin remodelers competing for certain binding sites along 

DNA strings (Segal et al., 2006).  

2.1.2 Recruitment of Pol II 

Unlike bacteria, in which one type of polymerase transcribes all active genes into 

RNA, three classes of polymerases are involved in transcription in eukaryotic 

cells: RNA polymerase (Pol) I, II and III. Pol I and Pol III are associated with 

transcription of ribosomal RNAs (rRNAs) and small noncoding RNAs (snRNAs), 

respectively (Khatter, Vorländer and Müller, 2017). Pol II, which has 12 subunits, 

catalyzes formation of mRNA from DNA, and thus transcribes all protein-coding 

genes, but also some ncRNA genes. 

In eukaryotic cells, a multicomponent system known as transcriptional 

machinery drives the complex process of transcription. This large consortium 

includes several multiunit proteins that work in concert with Pol II and several 

TFs as well as many other complexes that serve as coregulators. In humans, to 

date, we have identified more than 100 proteins that participate in transcription, 

from initiation to elongation and termination. Transcription starts with assembly 

of a preinitiation complex (PIC), consisting of Pol II and General Transcription 

Factors (GTFs TFIIA, TFIIB, TFIID, TFIIE, TFIIF, and TFIIH), which are coupled 

together at promoters of active genes. TFIID has a subunit known as TATA-box 

binding protein (TBP) that recognizes the core promoter and creates an anchor 

for PIC formation. After that, Pol II and other GTFs are recruited to the site. DNA 

is unwound by the helicase subunit of the TFIIH transcription factor, resulting in 

an open structure of single-stranded DNA close to the transcription start site 

(TSS) (Fishburn et al., 2015). Another essential player in transcription initiation 

is a multiunit protein known as Mediator (Kelleher, Flanagan and Kornberg, 

1990; Flanagan et al., 1991), which co-activates recruitment of the initiation 

complex and stabilizes it by binding to Pol II, TFIID and TFIIH. It then 

participates in further stages of transcription, from elongation to production of 

mature mRNAs (Conaway and Conaway, 2011; Plaschka et al., 2015).  

Transcription initiation was classically regarded as a highly ordered process, 

involving a sequence of steps that had been elucidated through many years of 

painstaking studies. However, advances in single particle cryo-electron 

microscopy (cryo-EM) leading to discoveries of new subunits and new models 
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suggest that we should not regard the players as discrete, tightly bound complexes 

with clearly defined action mechanisms (Kandiah et al., 2014; Gupta et al., 2016; 

Hantsche and Cramer, 2017). 

Many proteins and complexes contribute to the sophisticated process of 

transcription. However, the first actors assemble at tiny genomic regions of DNA 

that have unique (but diverse) binding sites, called core promoters, for 

recruitment of all the proteins and cofactors involved in transcription. Each of 

these sites is centered at a TSS and extends about 40 bp in both directions, 

providing foundations for recruitment of many members of the transcriptional 

machinery. Several signs in the genome reveal the presence of promoters, 

including openness of chromatin, certain histone marks (e.g. H3K4me3 or 

H3K9ac) and presence of PIC (Haberle and Lenhard, 2016). With advances in 

single nucleotide resolution sequencing techniques, such as CAGE (Kodzius et al., 

2006) and GRO-Seq (Gardini, 2017), we can now map TSSs and associated 

promoters precisely (Core et al., 2014). Various motifs are found in core 

promoters, such as TATA-boxes (AT-rich DNA sequences) and Initiator (Inr). 

TFIID binds nearly all identified core promoter elements during transcription, 

but not the TFIIB-recognition element (BRE) (Lagrange et al., 1998). It has been 

shown that some of these elements are associated with specific biological 

functions. For instance, the TCT motif reportedly plays a key role in transcription 

of ribosomal protein genes in Drosophila (Parry et al., 2010). However, no such 

links have been clearly defined for many others. Moreover, although these 

elements are very diverse and abundant in the genome, many promoters do not 

have any known motifs. Unsurprisingly, nucleosome positioning is related to the 

presence of promoters. Two nucleosomes, commonly known as +1 and -1 

nucleosomes, surround the nucleosome-free region (NFR) at the beginning of a 

gene. Nucleosome formation seems to be driven by specific sequence patterns, 

implying that promoter characteristics dictate nucleosome positioning. However, 

evidence from studies of mammalian cells, based on different types of promoter, 

suggests that more than one mechanism may be involved in nucleosome 

positioning at promoters (Valouev et al., 2011).  

2.1.3 General transcription factors  

As already stated, GTFs are proteins that participate in regulation of gene 

transcription. To date, six GTFs have been identified and extensively studied. 

TFIID recognizes the TATA-box motifs of promoters, binds via its TBP subunit, 

and thus is the main DNA-binding protein. However, TFIIB also participates in 

promoter selection and DNA binding. TFIIH has a helicase subunit that unwinds 

the DNA and exposes it to Pol II. TFIIE and TFIIF are responsible for recruiting 

other players to the PIC (TFIID and Pol II, respectively). Lastly, TFIIA does not 

seem to be associated with PIC formation but rather seems to stabilize the binding 
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of TFIID to DNA through disassociation of TFIID/TBP dimers. This facilitates 

TFIID loading onto the promoter (Coleman et al., 1999). While these are general 

TFs, hundreds of others, some of which are cell-type-specific, are also involved in 

transcription initiation and promotion of PIC formation. For further information 

about TFs (especially in humans), readers are referred to a recent review by 

Lambert et al. (2018). 

2.1.4 Enhancers and negative regulators 

Vital components of gene regulatory networks include short ncDNA sequences 

known as cis-regulatory elements (CREs) that are usually found in the vicinity of 

genes and regulate their transcription. Promoters and enhancers are examples of 

CREs that are located on the same chromosome as the genes they regulate. 

Enhancers are short sequences (from 100 to a few hundred bp) that may control 

both neighboring genes and (unlike promoters) genes located up to 1 Mbp away. 

This enables regulation of genes by more than one distal enhancer, and hence 

greater variability in gene regulation. Distal enhancers can interact with 

promoters by looping to the target genes (Levine, Cattoglio and Tjian, 2014).  

Like promoters, enhancers have DNA motifs for binding activators including TFs. 

Since enhancers have high affinity for histone octamers, clusters of TFs often 

compete with these transcription barriers and thus facilitate chromatin 

remodeling via activation of functional enhancers (Spitz and Furlong, 2012). 

However, this is often accompanied by recruitment of cofactors (to enhancers or 

promoters), which facilitate transcription, but unlike TFs do not have specific 

binding sites (Weake and Workman, 2010). Coactivators often have chromatin 

remodeling capacities, sometimes through histone modifications (e.g., 

p300/CBP), or facilitate the action of transcriptional machinery at promoters 

(e.g., Mediator) (Long, Prescott and Wysocka, 2016). Silencers, another class of 

CREs, act antagonistically to enhancers, suppressing transcription by recruiting 

proteins known as repressors. Like enhancers, silencers are usually located 

upstream of TSSs, but may be located downstream of them in 3’ UTRs 

(untranslated regions) or introns of gene bodies (Maston, Evans and Green, 

2006).  

In a metazoan cell, activators and repressors acting together in the gene 

regulatory network dictate the transcriptional status of thousands of genes. In 

addition to thousands of TFs, hundreds of cofactors (coactivators and 

corepressors) that also assist the transcriptional machinery have been identified. 

These transcriptional coregulators include CREB-binding protein (CBP), which 

is encoded by a multigene family in Drosophila, and its mammalian paralog 

P300. The main characterized function of CBP/p300 is acetylation of several 

lysine residues of histones H3 and H4, as well as specific lysines of other 
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regulators, via HAT (mainly lysine acetyltransferase; KAT) activity (Dancy and 

Cole, 2015). However, as well as a HAT domain, CBP/p300 proteins have several 

other functional protein-binding domains, such as a CREB-binding domain 

(KIX), Cys/His-rich regions 1 and 3 (CH1 and CH3), and a bromodomain (Br). In 

addition to histone PTMs, CBP also acts as a hub for recruitment of many TFs and 

other cofactors to the promoter and enhancer regions. To date, over 400 proteins 

have been identified that network with CBP via protein-protein interactions or 

interact functionally (Bedford et al., 2010). Hence, CBP is a key player in gene 

regulation and cell development, so CBP deficiency is lethal in the embryonic 

stage in flies (Goodman and Smolik, 2000). Unsurprisingly, CBP and p300 are 

only found in higher organisms, and their presence or absence seems to be 

indicative of an organism’s complexity. Relatively simple eukaryotes, such as D. 

melanogaster, only have one CBP ortholog (known as nejire in flies), while yeasts 

have no CBP/p300 family members. In mice, more than 90% of histone H3 

acetylations at lysines 18 and 27 are associated with CBP/p300. Together with 

histone acetylation at H3K18 and H3K27, CBP has been used for mapping active 

promoters and enhancers (Jin et al., 2010; Kasper et al., 2014). Although CBP 

binds to active promoters and enhancers, in flies it can also bind to inactive 

enhancers as well as insulators, suggesting it has even broader functions in 

chromosomal interactions (Philip et al., 2015).  

 Promoter-proximal pausing 

For many years it was believed that gene regulation occurs mainly in Pol II 

initiation stages when Pol II is recruited, and a PIC is formed. Thanks to recent 

technological advances, it is now clear that there is another critical checkpoint for 

gene regulation shortly after transcription initiation and before productive 

elongation (Mayer, Landry and Churchman, 2017). After Pol II has catalyzed 

synthesis of 10-12 nucleotides of a nascent RNA, it escapes from the promoter 

region and initiates transcription elongation. However, a pause occurs about 30-

50 bp downstream of the TSS, known as promoter-proximal pausing. The main 

contributors to promoter-proximal pausing are negative regulators such as 

Negative elongation factor (NELF) and DRB sensitivity-inducing factor (DSIF). 

These factors induce and stabilize the pausing state via interaction with Pol II. 

However, negative elongation factors are not the only players promoting Pol II 

pausing. Certain modifications of Pol II, some features of the underlying DNA 

sequence, and even the nascent RNA can contribute to it. A high GC content may 

induce pausing and in mammals CpG island promoters are associated with high 

Pol II pausing (Kellner, Bell and Vertino, 2015). Moreover, some DNA sequences 

may cause Pol II to “backtrack”, i.e. move backwards (Cheung and Cramer, 2011). 

More interestingly, nascent RNA can also induce pausing, partly via RNA 

hairpins limiting the movements of Pol II on DNA (Core, Waterfall and Lis, 
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2008). Additionally, an increasing number of discovered TFs are associated with 

promotion of Pol II pausing, e.g. GAGA factor (GAF) and Motif 1 binding protein 

(M1BP) in D. melanogaster (Li and Gilmour, 2013).  

Pol II pausing does not only occur at promoter-proximal regions, and variations 

in Pol II distribution have been detected along gene bodies, showing 

accumulation of Pol II (peaks) due to its paused state. In many metazoans, 

polymerase pausing seems to be elevated at core promoters, exon-intron 

junctions and 3’ polyadenylation sites, and the rate of Pol II pausing is much 

higher in promoter regions than in gene bodies (Kwak et al., 2013; Day et al., 

2016). The ratio between these rates is called the pausing index, which varies 

among genes and cell types, and is often used for distinguishing “paused” genes 

from the others. Nevertheless, pausing should be regarded as a general feature of 

the transcription cycle and not restricted to some genes or specific regions in gene 

bodies. The primary outcome of Pol II pausing is provision of opportunities for 

gene regulation in response to internal and external stimuli, as well as fine-tuning 

of gene transcription in cell differentiation or different stages of development. 

 Release from pausing 

After promoter-proximal pausing, Pol II must be released from the paused state. 

The main protein mediating this release is Positive transcription elongation 

factor b (P-TEFb), which in addition to Pol II also phosphorylates NELF and 

DSIF. Phosphorylation of NELF results in dissociation from Pol II, whereas 

phosphorylation of DSIF transforms it into an elongation-promoting state 

(Peterlin and Price, 2006). Hence, P-TEFb is a key regulator in early elongation. 

Transcription pausing of highly expressed genes has been detected, so Pol II 

pausing and release from the paused state are key regulatory steps in the 

transcription of bodies of active genes (Jonkers and Lis, 2015). Like many 

processes in the nucleus, release from pausing does not always proceed linearly. 

DNA looping can bring enhancers close to promoters and thus promote P-TEFb 

recruitment by binding other cofactors such as Mediator (Allen and Taatjes, 

2015). Interestingly, this looping, mediated by the Cohesin protein complex, has 

been detected in genes showing high levels of Pol II pausing (Schaaf et al., 2013; 

Ghavi-Helm et al., 2014). Some DNA-binding TFs are also associated with release 

from pausing,  of which Myc proto-oncogene protein (MYC) and Nuclear factor 

kappa-light-chain-enhancer of activated B cells (NF-κB) are the best known 

examples that interact with P-TEFb (Barboric et al., 2001; Rahl et al., 2010).  
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 Elongation  

Elongation is essentially the extension of transcripts produced by RNA Pol II. 

However, this is not a straightforward process, and many factors may affect gene 

bodies’ transcription rates. Generally, elongation is relatively slow during 

transcription of the first part of a gene body, and accelerates up to 4- to 10-fold, 

depending on the type and condition of the cell, after the first ca. 15 kbp (Danko 

et al., 2013). The slow start ensures engagement of all the factors required for 

productive elongation and is crucial for some events such as splicing. We now 

know that certain gene features, as well as the presence of exons or 

polyadenylation sites, can slow elongation rates while other factors (such as 

H3K79me2, H4K20me1, and ubiquitylation of histone H2B) seem to accelerate it 

(Jonkers, Kwak and Lis, 2014; Veloso et al., 2014). In contrast to these histone 

methylation marks, tri-methylation of H3K36 and H3K9 is associated with 

reduction in elongation rates (Jonkers and Lis, 2015).  

 Termination and nuclei export 

Ending gene transcription at the appropriate point is as important as its correct 

initiation. Inter alia, termination determines the fate of the produced transcript, 

e.g. whether a mRNA is stabilized and transported into the cytoplasm, or 

degraded. Since transcription by polymerases is widely spread throughout the 

genome, and not limited solely to open reading frames (ORFs), tight control of 

termination is essential for proper expression of neighboring genes. Termination 

processes differ between eukaryotes and prokaryotes, and the processes catalyzed 

by the three eukaryotic polymerases also vary. Here, the termination of Pol II 

transcription in mRNA production is briefly discussed, but there are many 

similarities in the processes and subunits involved in the termination of 

transcription catalyzed by all three types of eukaryotic polymerases. 

Pol II has a C-terminal domain (CTD), which is heavily modified during 

transcription. One well-studied CTD modification is phosphorylation, which 

mediates recruitment of factors needed for processing the pre-mRNA: Cleavage 

and polyadenylation factor (CPF) and Cleavage stimulating factor (CStF). 

Phosphorylation of Ser5 during transcription initiation, which occurs at 

promoters with the association of TFIIH, is necessary for recruitment of 5’ 

capping machinery (Komarnitsky, Cho and Buratowski, 2000). Ser2 

phosphorylation, in contrast, occurs during elongation and results in recruitment 

of 3’ processing factors (e.g., CPF) to poly(A) sites (Ahn, Kim and Buratowski, 

2004). CPF has an endonuclease subunit that is responsible for cleavage of pre-

mRNA. Another CPF subunit then adds a poly(A) tail to the new 3’ end of the pre-
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mRNA. This polyadenylation is essential for mRNA stability and facilitates the 

mRNA’s exit from the nucleus into the cytoplasm (Schreieck et al., 2014) .  

There are at least two hypotheses regarding the mechanism that terminates Pol 

II-mediated transcription at the poly(A) signal (PAS) on the DNA strand. The 

first, known as the “allosteric” (or anti-terminator) model, suggests that 

conformational changes in Pol II triggered when it senses the PAS region induce 

termination. However, Pol II continues to transcribe nascent RNA downstream 

of the PAS. Therefore, after RNA cleavage by CPF there will be a new 5’ end, which 

is not protected by capping. According to this and the rapid degradation of the 

newly synthesized RNA, a second hypothesis, known as “torpedo”, proposes that 

the region of RNA transcribed downstream of the PAS is recognized and digested 

by an exonuclease enzyme that somehow causes dissociation of Pol II from DNA, 

and hence termination. However, the two presented models are not necessarily 

exclusive, and a combination of both may better explain the complex process of 

transcription termination (Loya and Reines, 2016).   

The process discussed above is known as PAS-dependent termination. However, 

there are also other mechanisms, such as transcriptional arrest (where Pol II is 

degraded rather than recycled), and a process involving backtracking of Pol II, 

enabling its use as a proofreading tool (Proudfoot, 2016). Finally, after the pre-

mRNA has been released from the transcription elongation complex (TEC), 

which consists of Pol II, DNA and nascent RNA, it undergoes further 

modifications, including splicing, that complete its maturation. Then, the mature 

mRNA is ready for release from the nucleus into the cytoplasm, where it will be 

translated and eventually degraded. Its translocation is mediated by multiunit 

proteins forming nuclear pore complexes (NPCs), and is considered to be another 

major regulatory step in gene expression (Kubitscheck and Siebrasse, 2017).  
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3 Transcription Maintenance  

Gene regulation is vital for both maintenance of cells’ homeostasis and 

appropriate responses to various conditions. Moreover, their gene expression 

status must often be remembered and passed on during proliferation and 

developmental stages. All somatic cells in a given eukaryotic organism have 

copies of the same DNA, raising questions about how cells become different from 

each other and remember their identities. This brings us to the fast-growing and 

captivating subject known as epigenetics. In Latin, the prefix epi- means above, 

so the term epigenetics implies phenomena “on top” of genetics, or additional to 

the traditional genetic basis of inheritance. Today we know this involves 

“epigenetic marks”, which are indirect modifications of chromatin that dictate 

cells’ fates, determine which genes are switched on or off, and whether specific 

genes will continue to be expressed or silenced. Collectively, these states are 

referred to as the “transcriptional status”, “transcriptional pattern” or 

“transcriptional profile” of a given gene, tissue, cell line or organism. 

Probably the best-known pioneer of epigenetics, who  originally proposed the 

concept of epigenetics, is Waddington (1942). He used this term to explain the 

occurrence of phenotypic variability from a single genome. Today, definitions of 

epigenetics are widely controversial, but overall it refers to all mitotically or 

meiotically heritable changes related to gene expression that are independent of 

direct changes in underlying DNA sequences (Deans and Maggert, 2015). 

Mechanisms involved in the inheritance of epigenetic information, such as 

modifications of DNA and histones, are debated, but DNA methylation, histone 

modifications, and processes involving ncRNAs are among the most intensively 

studied suggested mechanisms.  

Almost all cells in the body have the same DNA, but not all cells are the same, 

because cells use the genomic codes in different ways. Genes may be changed in 

various ways during developmental stages and following exposure to various 

environmental factors (often simply called “exposures”) and switched on or off at 

various times depending on their type and function. A cell’s combined set of all 

these changes is called its epigenome. If we think of a cell as a computer, while 

DNA is its hardware, the epigenome is the software telling the hardware what to 

do. The epigenome is the secondary structure of chromatin consisting of DNA, 

proteins (including histones), chemical tags (i.e. DNA methylation and histone 

PTMs), and ncRNAs. In contrast to DNA, which remains fixed for life (unless 

mutations or DNA damage occur), the epigenome is a flexible construction that 

adjusts states of specific genes in response to rapid changes in the cellular 

environment. Moreover, life style conditions including nutrition, and some 
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activities such as smoking (in humans) can also influence the epigenome 

(Kanherkar, Bhatia-Dey and Csoka, 2014). 

 Maintenance through cell division 

When cells divide, the daughter cells must remember their parental cells’ 

transcriptional patterns and preserve their identity. While this mechanism has 

not been fully elucidated, some studies suggest that the DNA’s organization in the 

nucleus is involved. Therefore, it is suggested that the 3D packaging of the DNA 

partly determines genes’ expression status (Poleshko et al., 2017). Accordingly, 

important characteristics of a genomic region and important elements of 

epigenetic information include the pattern of histones’ PTMs. These histone 

modifications are involved in regulation of each genomic region’s activities, 

including their transcriptional status. Classically, it was suggested that the 

histones are split between daughter cells (each receiving H3-H4 dimers from H3-

H4 parental tetramers) or randomly distributed during cell division. We now 

know that during DNA replication almost all the histone modifications are erased 

when chromatin is disassembled (Budhavarapu, Chavez and Tyler, 2013), raising 

questions about how daughter cells regain their epigenetic information after cell 

division. In other words, how are parental histone modifications remembered 

during replication? While the exact mechanism whereby cells remember local-

specific histone modifications is still a mystery, some evidence suggests 

involvement of histone chaperones in recycling the modified histones (Hammond 

et al., 2017). One of these histone modifiers, Chromatin assembly factor 1 (CAF-

1), is putatively a key player in inheritance of H3K9me3 marks (Liu et al., 2012). 

Another suggested mechanism for inheritance of histone modification involves a 

“pre-replicative boost”. For instance, Polycomb group (PcG) proteins and their 

associated repressive mark (H3K27me3) as well as H3K4me3 reportedly 

accumulate at Polycomb response elements (PREs) in early mitosis during S-

phase. This accumulation declines later in S-phase upon PRE replication, 

suggesting an inheritance mechanism for H3K27me3 involving diluted retention 

of this mark upon cell division in TSSs (Lanzuolo et al., 2011; Lanzuolo, Lo Sardo 

and Orlando, 2012; Budhavarapu, Chavez and Tyler, 2013). However, mitotic 

inheritance of epigenetic information does not always involve histones. For 

example, in D. melanogaster embryos PcG proteins reportedly remain bound to 

the DNA during DNA replication and can carry epigenetic memory in the absence 

of histones (Francis et al., 2009; Lo et al., 2012). 
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3.1.1 Polycomb group proteins 

Elements of one the most crucial epigenetic silencing systems, which play a key 

role in maintenance of cells’ identity during differentiation and development, are 

the Polycomb group (PcG) proteins. Core units of these multi-unit complexes are 

conserved in organisms ranging from yeasts through flies to humans, and they 

are responsible for maintaining the repressed status of key developmental genes 

(Hox gene clusters). PcG complexes have two major parts known as Polycomb 

repressive complexes 1 and 2 (PRC1 and PRC2), and a DNA-binding part (known 

as pho Repressive Complex, PHO-RC, in flies). This group of proteins acts 

cooperatively but antagonistically with other proteins known as Trithorax group 

(TrxG) proteins in maintenance of genes’ expression status. Many cellular 

processes, such as X-chromosome inactivation and gene imprinting, require 

proper functionality of these two sets of complexes, and any deficits may lead to 

various diseases including cancer (Poynter and Kadoch, 2016). Most subunits of 

PcG proteins have been discovered, and studied, in D. melanogaster. The name 

“polycomb” comes from observations of phenotypic changes in mutant flies 

caused by overexpression of the Sex comb reduced (Scr) gene, and as the name 

Polycomb implies, additional, ectopic sex combs develop on the legs of adult male 

flies (Lewis, 1947, 1978). While PcG proteins in mammals share many similarities 

to those of flies, they are more diverse, especially in the PRC1 complex 

(Blackledge, Rose and Klose, 2015). PcG protein complexes and their subunits 

have received much attention in recent years and our understanding of their 

action mechanism is rapidly increasing.  

3.1.1.1 Polycomb response elements (PREs)  

Relatively small sequence-specific DNA elements known as Polycomb response 

elements (PREs) usually recruit polycomb group proteins. These regions are 

enriched in many DNA motifs responsible for recruitment of DNA-binding parts 

of polycomb complexes. PREs were first discovered in studies of transgenic 

effects of regulatory Bithorax complex genes in D. melanogaster (Müller and 

Bienz, 1991). Flies were also used in the first characterizations of these elements. 

Hundreds of PREs have also been detected in mammals, but while showing 

similarities to their counterparts in flies, they have some significant differences. 

Notably, what we call “true PREs” are only present in Drosophila and our 

understanding of PRE-like elements in mammals is evolving with emerging 

studies in the field (Bauer, Trupke and Ringrose, 2016; Cameron et al., 2018). 

Mammalian PREs, also known as PRE-like regions, target many genes such as 

developmental genes and genes involved in cell proliferation, and are also 

engaged in various processes including X-chromosome inactivation. While PREs 

in mammals are much more diverse than those of flies, they have similar target 

genes such as Hox genes (which control segmentation of embryos along their 

anterior-posterior axis), and signaling pathways including morphogenetic and 
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developmental pathways (Ringrose, 2007). PcG- and TrxG-proteins are highly 

conserved in flies and mammals, and there are remarkable similarities in genes 

that are controlled by PREs in both taxa (Sharif et al., 2013). In mammals, these 

regions are often located in hypomethylated CGIs, but as yet no clear DNA motif 

has been associated with them (Bauer, Trupke and Ringrose, 2016). In fruit flies, 

on the other hand, several short motifs have been characterized in PREs, which 

vary both among PREs and in the same PREs of different species (Kassis and 

Brown, 2013; Bauer, Trupke and Ringrose, 2016). In flies, PREs are independent 

functional elements, meaning that they can be inserted anywhere in the genome 

and still recruit PcG proteins. These cis-regulatory elements act co-operatively 

with enhancers and promoters and can establish an active or repressed state of 

the genes. Moreover, PREs may maintain a gene’s expression status with the 

ability to switch upon receipt of new signals.    

3.1.1.2 PRC2 

The PRC2 complex is so important that it has been called “a guardian of cell fate” 

(Holoch and Margueron, 2017). It contains three essential subunits in its core: a 

SET domain, Suppressor of zeste (SUZ12), and Embryonic ectoderm 

development (EED). In flies, the SET domain has histone methyltransferase 

activity through Enhancer of zeste, E(Z), which can add one to three methyl 

groups to histone H3 at lysine 27 (H3K27me1/2/3) (Müller et al., 2002). In 

mammals, homologous protein subunits EZH1 and EZH2 execute addition of 

these repressive marks. Binding of EED to the tri-methylated histone may 

putatively contribute to self-propagation of H3K27me3 in maintenance of a 

repressive status of the chromatin and transmission of the histone mark to 

daughter cells (Margueron et al., 2009). Thus, EED promotes positive feedback 

mediating persistence of specific transcriptional profiles. Several other accessory 

proteins also contribute to the PRC2 core’s enzymatic activity. In Drosophila, 

Polycomb-like protein (PCL) contributes to maintenance of a repressed state by 

stimulating high levels of H3K27me3 deposition on Polycomb target genes 

(Nekrasov et al., 2007). Similarly, its homolog in mammals, PHD finger protein 

1 (PHF1), is required for efficient trimethylation of H3K27, but (interestingly) not 

for either its mono- or di-methylation (Sarma et al., 2008). Apart from the 

mentioned core subunits, there may be additional subunits of PRC2, enabling 

creation of alternative forms of the complex. For a review of these “facultative” 

subunits and their action mechanisms see Holoch and Margueron (2017). 

3.1.1.3 PRC1 

While PRC2 mediates addition of 1-3 methyl groups to H3K27, PRC1 ligates a 

ubiquityl group to histone H2A at lysine 118, creating the H2AK118ub mark 

(H2AK119ub in mammals). As already mentioned, mammalian PRC1 complexes 

are more diverse because there are multiple variants of some subunits, and 
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corresponding variations in PRC1’s functionality, as a transcriptional repressor 

or even activator (Gil and O’Loghlen, 2014). In Drosophila, PRC1 contains 

Polycomb (PC), Polyhomeotic (PH), Posterior sex combs (PSC) or its paralog 

Suppressor of zeste 2 [Su(Z)2], and RING (also known as Sex comb extra, Sce). 

PC recognizes and binds to the H3K27me3 mark, while RING catalyzes 

ubiquitylation (Chittock et al., 2017) . Mammalian PRC1 variants have several 

homologs for each subunit and historically were divided into two major 

categories: canonical PRC1 (cPRC1) and non-canonical PRC1 (ncPRC1). This 

classification resulted from paucity of knowledge of PRC1 at the time (Vidal and 

Starowicz, 2017). Today, despite numerous advances in the field, there are still 

many ‘unknowns’ about these complexes’ biochemical properties and action 

mechanisms. Briefly, cPRC1 complexes are like PRC1 in flies, with homologs for 

the main components, while ncPRC1 refers to complexes with variations in 

Chromobox (CBX) (PC homolog) and PHC subunits (Bajusz et al., 2018). 

However, both categories contain the Polycomb group ring finger (PCGF) 

catalytic subunit. For further information on the increasing numbers of PRC1 

variants in mammals, see Blackledge, Rose and Klose (2015).  

3.1.1.4 Trx – Ash1 

Like PcG proteins, TrxG proteins contribute to specification of segmental identity 

and are crucial for proper development. As already mentioned, these two groups 

of proteins have opposing effects on expression of Hox genes. In Drosophila, Hox 

genes comprise two groups of homeotic genes: Bithorax complex (BX-C) and 

Antennapedia complex (ANT-C) genes, which encode homeodomain 

transcription factors and thus direct the fate of different body segments through 

development (Gellon and McGinnis, 1998). Knocking out these genes in flies 

results in homeotic transformations, where body parts do not develop in their 

regular segments. The expression of Hox genes must be precisely regulated, and 

any deficits may lead to drastic alterations in cell fate, which emphasizes the 

importance of PcG and TrxG proteins (Kassis, Kennison and Tamkun, 2017).   

Unlike PcG proteins, the TrxG complex promotes maintenance of active gene 

transcription (counteracting PcG-mediated repression) by a Set domain 

catalyzing methylation of H3K4 or H3K36 (Geisler and Paro, 2015). While this 

might initially seem a simple ON-OFF switch, there is much more complex 

interplay between these two groups of proteins (Schuettengruber et al., 2017). 

TrxG terminology is based on the first discovered gene in this cluster, Trithorax. 

Many protein-coding genes were previously identified as TrxG members, based 

on similarities of observed phenotypic effects of their mutation and other criteria 

such as biochemical activity, sequence homology and similarity of effects on the 

transcription of Hox genes. However, only two proteins, Trithorax and Absent, 

small or homeotic 1 (Ash1), seem to be true members of TrxG complexes, based 
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on their PRE-binding profile (Kingston and Tamkun, 2014; Kassis, Kennison and 

Tamkun, 2017). This view might change later, since our understanding of the 

interplay between PcG and TrxG complexes is rapidly growing with continuing 

advances in the field (see Geisler and Paro, 2015; Schuettengruber et al., 2017).  

 Maintenance through generations 

For many decades it was thought that no changes in somatic cells are transferred 

to gametes, because of a barrier between somatic and germline cells called the 

Weisman barrier (Weismann, 1892). Today, we know this is not entirely true and 

some epigenetic changes may be passed through gametes and sometimes 

sustained for several generations (Sharma, 2013). We know very little about the 

mechanisms involved, but the changes may be triggered by endogenous events 

(e.g. processes during cell differentiation) or responses to exogenous 

environmental conditions. However, the acquired epigenetics traits must be 

removed for zygotes to be pluripotent and totipotent. This reprogramming of the 

germline is not perfect, and when it fails epigenetic marks may be transmitted to 

the next generation, but generally at much lower rates than genetic information. 

3.2.1 Epigenetic reprogramming 

Epigenetic changes do not have high chances of transfer to the next generation, 

as a simple mechanism called epigenetic reprogramming erases most epigenetic 

marks in early embryogenesis. One of the mechanisms involved in this 

reprogramming in mammals is DNA demethylation, which occurs during early 

developmental stages (Morgan et al., 2005; Seisenberger et al., 2013). After 

fertilization and during gametogenesis and embryogenesis, almost all the 

parental DNA methylation is erased. Then, during embryogenesis a wave of DNA 

methylation occurs that re-establishes the repressive marks, resulting in global 

gene silencing. Notably, CpG islands are protected from remethylation, thereby 

safeguarding expression of housekeeping genes in all cell types (Cedar and 

Bergman, 2012). The mechanism involved in protection of CGIs is not very clear. 

However, some sequence motifs in mice (e.g. Sp1) play a role in protecting CpG 

islands from remethylation (Macleod et al., 1994), and some epigenetic 

information is transmissible and may persist for several generations. 

3.2.2 Genomic imprinting 

Epigenetic marks, such as DNA methylation, are not entirely reset in all genes, 

and some genomic regions may escape this reprogramming partly or entirely. 

Imprinted genes and retrotransposable elements are classical examples of 

sequences that are partially protected from the second round of demethylation in 

epigenetic reprogramming. This protection allows offspring to maintain some of 

https://www.ncbi.nlm.nih.gov/pmc/articles/PMC4346179/#R36
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the epigenetic modifications of their parents. In diploid organisms, parental 

imprints are maintained in one allele at a given locus, and erased in the other 

allele during gamete formation. This monoallelic silencing through erasure of 

epigenetic marks (e.g., DNA methylation) occurs in an allele-specific fashion, and 

either the maternal or paternal imprints will be re-established, depending on the 

gene (Barlow and Bartolomei, 2014). Although genomic imprinting involves 

monoallelic silencing at certain loci, it is not necessarily a silencing mechanism. 

Rather, it is considered a cis-regulatory tool that may introduce variation in 

parental-specific gene expression at various gene regulatory steps. It is also a 

valuable phenomenon for studying epigenetic regulation because both parental 

alleles are within the same nucleus and thus exposed to identical environmental 

conditions (Henckel and Arnaud, 2010). 

3.2.3 Clarifications 

Epigenetic marks can be transmitted within one generation (i.e., from one cell to 

its daughter cells), or to subsequent generations. The former is defined as 

intergenerational epigenetic inheritance, and the latter as transgenerational 

epigenetic inheritance. However, when studying epigenetic memories induced by 

environmental factors, direct and parental epigenetic effects must be carefully 

distinguished. In other words, not all changes in further generations’ epigenomes 

induced by initial environmental exposures should be categorized as epigenetic 

inheritance. For example, any exposure to environmental factors during 

pregnancy, known as “intrauterine experiences”, may potentially alter the 

epigenome and germ cells of a fetus, independently of parental inheritance, and 

thus should not be regarded as epigenetic inheritance (van Otterdijk and Michels, 

2016). Similarly, a male’s exposure to environmental cues may affect his germ 

cells and induce epigenetic alterations that should not be regarded as 

transgenerational epigenetic inheritance. Like intrauterine exposures, maternal 

behaviors such as nursing, licking and grooming in mice, which may putatively 

affect offspring  via gene expression changes in the brain, fall outside of this 

category (Weaver et al., 2004).  

3.2.4 Inheritance of environmental responses 

Recent observations have indicated that responses to environmental exposures 

can be transferred to offspring (Heard and Martienssen, 2014; Soubry et al., 

2014; Aiken, Tarry-Adkins and Ozanne, 2016). Therefore, such environmental 

exposures not only affect the epigenome of one individual but may also affect the 

subsequent generation or generations. These environmental factors include 

lifestyle behaviors such as nutrition, physical activities, traumatic stress, and 

smoking. The non-genetic transgenerational inheritance of obesity or type II 

diabetes are examples of the observed traits (Stegemann and Buchner, 2015). The 
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underlying mechanisms of non-genetic inheritance are unclear, but some studies 

suggest involvement of alterations of histone modifications and/or DNA 

methylation in germ cells (Greer et al., 2014; Duan et al., 2016).  

Traditionally, studies of transgenerational epigenetic inheritance focused on 

transmission through the maternal line, and any significant paternal effects were 

considered to be mediated by maternal responses, except possibly in paternally 

caring species (Wolf and Wade, 2009).  The lack of attention to paternal effects 

was mainly due to spermatozoa having much smaller sizes and cytoplasmic 

contents than the eggs they fertilize, which contain many proteins and RNAs 

(Immler, 2018). Moreover, during spermatogenesis most histones are removed 

and replaced by proteins called protamines in both mice and humans (Wykes and 

Krawetz, 2003). However, more recent studies have started to address paternal 

epigenetic inheritance as a distinct route from the maternal effects (Crean and 

Bonduriansky, 2014). Some mechanisms such as DNA methylation, histone 

modifications and processes mediated by small non-coding RNAs (sncRNAs) 

have suggested involvement as non-genetic factors transferred through sperm. 

For instance, microRNAs (miRNAs) are reportedly involved in transfer of effects 

of traumatic stress to offspring in mice (Gapp et al., 2014). Today, we have 

incipient understanding of transgenerational inheritance through germ cells, 

especially sperm, and more studies are needed to understand the underlying 

mechanisms and potentially discover further routes for transmission of 

epigenetic information. 
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Results and Discussion 

This thesis is based upon results of studies reported in the three included papers, 

designated Papers I-III, outlined in the following sections.  

Paper 1 

CBP Regulates Recruitment and Release of Promoter-Proximal RNA 

Polymerase II 

As discussed throughout this thesis, numerous factors and cofactors are involved 

in gene transcription from initiation to termination. These factors include many 

proteins, chemical modifications, DNA sequence features and even elements 

located far from the regulated genes. One of the major players in gene expression 

is CBP/P300. The study reported in Paper I focused on roles of this protein and 

GAGA binding factor (GAF), also known as Trithorax-like (Trl) in transcription 

initiation and formation of PIC, as well as in releasing Pol II from its paused state. 

These “checkpoints” are recognized as two major regulatory steps in gene 

transcription. CBP is found at enhancers and previous studies have shown that it 

plays an important role at this position. It has a KAT domain that catalyzes 

acetylation of H3K18, H3K27 and H4K8, all associated with active chromatin 

states. In addition to enhancers, CBP can also be found at other regulatory 

elements, including promoters.  

To study CBP’s functions at promoters, we used D. melanogaster cell line S2. 

Initially, by examining promoters of expressed genes (using RNA-seq 

techniques), we observed that CBP occupation is higher in almost all expressed 

genes than in non-expressed genes. We then examined enrichment of DNA-

motifs at strongly CBP-binding promoters, and found a GAF-motif (GAGA-

motif). GAF is another abundant protein with known functions in gene 

expression. It can be found at a subset of expressed genes and its ability to remove 

local nucleosomes clarifies its positioning at these sites. GAF also has known 

functions in PIC formation and Pol II pausing, through interaction with TFIID 

and recruitment of NELF, respectively.    

Next, we analyzed the co-occupation of CBP and GAF at promoters and observed 

high correlation in their binding patterns. We also found that knocking down GAF 

significantly reduced CBP occupancy, possibly due to GAF’s ability to remove 

nucleosomes and thus facilitate binding of all factors, including CBP.  

GAF is known to have strong associations with Pol II pausing, but this link was 

unknown for CBP. Therefore, we analyzed correlations between CBP, GAF, and 
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Pol II pausing at the promoters of expressed genes and observed high correlation 

of the three factors. Next, we classed the promoters in 20 bins, based on their 

levels of CBP and GAF enrichment, and found that genes with higher levels of 

CBP and GAF at their promoters generally have higher pausing indices (ratio of 

Pol II occupancy between their promoters and gene bodies). We labelled two bins 

with the highest enrichment of CBP, GAF and Pol II pausing as HCG promoters, 

four with moderate enrichment as MCG promoters, and the remaining 14 (with 

the lowest enrichment of the three factors) LCG promoters.  These observations 

indicate that CBP may contribute to promoter-proximal pausing.  

One of the factors heavily involved in pausing is NELF, also known as pause-

inducing factor. Unsurprisingly, we found higher levels of NELF in HCG 

promoters than in other promoters. Moreover, we also found higher enrichment 

of TFIIA at HCG promoters. Further analysis showed that genes with HCG 

promoters are distinct from other expressed genes, with a distinctive set of factors 

and co-factors binding at their promoters. Moreover, we found that HCG 

promoters differ from other promoters in chromatin state and associated histone 

marks. Briefly, HCG promoters have higher enrichment of histone marks 

associated with enhancers and open-chromatin states. Considering the 

distinctive properties of HCG promoters, we compared expression of their genes 

in early embryos and late embryos that S2 cells are derived from. The results 

showed that HCG promoters preserve their observed differences in terms of high 

CBP, GAF and Pol II pausing in different developmental stages as well as different 

cell types, which emphasizes their unique properties. 

We next used inhibitor C464 to shut down CBP’s catalytic activity and monitored 

results with single base resolution PRO-seq (measuring Pol II occupancy) after 

10 minutes of inhibition. The CBP inhibition reduced expression of many genes, 

most strongly genes with high CBP occupancy. CBP RNAi analysis confirmed 

these effects. Interestingly, we observed increases in Pol II occupancy after CBP 

inhibition in the promoter proximal regions of LCG and MCG genes. As the level 

of expression in associated gene bodies is decreased by CBP inhibition at these 

promoters, these results suggest that CBP participates in releasing Pol II from its 

paused state. In contrast, at HCG promoters Pol II decreased in the promoter 

proximal region, indicating that CBP recruits Pol II to these promoters. We also 

found that pausing indices of all genes increased following CBP inhibition, 

indicating an association of CBP with release from pausing in all genes. 

Further examination of effects of CBP inhibition on selected genes showed that it 

did not affect levels of TBP and TFIIA occupancy but significantly reduced TFIIB 

and TFIIF occupancy in HCG genes. Moreover, TFIB ChIP-seq after CBP 

inhibition (10 min) detected a strong genome-wide reduction in TFIIB 
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occupancy. These findings, together with co-immunoprecipitation of CBP-TFIIB, 

suggest a regulatory function for CBP, possibly via direct interaction with TFIIB.  

Interestingly, CBP inhibition not only affects Pol II rates in promoter-proximal 

paused regions but also repositions Pol II downstream of the sites. This 

“dribbling” effect of CBP was observed by genome-wide PRO-seq analysis 

indicating that the repositioning occurs 60 to 180 bp downstream of the paused 

site. Next, we performed MNase-seq analysis to detect nucleosomes based on 

their ability to protect DNA from digestion. Results of this screening indicate that 

nucleosome density and positioning do not significantly change upon CBP 

inhibition. Moreover, our data suggest that CBP helps Pol II to overcome the +1 

nucleosome barrier, possibly due to its histone acetylation capacity.  

The Pol II dribbling effect after CBP inhibition could be explained by CBP’s ability 

to recruit Pol II and facilitate its movement past the +1 nucleosome. 

Consequently, upon CBP inhibition Pol II will either decrease or accumulate just 

before the +1 nucleosome barrier. The main results of this study are summarized 

in the figure below. 
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Paper 2 

Interdependence of PRC1 and PRC2 for recruitment to Polycomb 

Response Elements. 

Traditionally, the suggested model for PcG recruitment was as follows. The PHO-

RC subunit binds to PRE and promotes recruitment of PRC2 to the site. Then, 

PRC2 tri-methylates H3K27, which is a mark for recognition by the PRC1 subunit. 

Subsequently, PRC1 recognizes this mark via its PC part and deploys the 

ubiquitylation mark. In recent years, conflicting observations have challenged 

this view. In the study reported in Paper 2, to elucidate the functional 

interdependence of the two main parts of PcG complexes (PRC1 and PRC2) we 

made two cell lines of D. melanogaster: one with a Psc/Su(z)2 mutation 

bestowing PRC1-deficiency and the other with a Su(z)12 mutation bestowing 

PRC2-deficiency. The results are summarized in the following sections.  

PRC1 deficiency: 

PRC1-deficiency reduced the RING subunit level 4-fold, but did not affect 

transcription of the gene encoding it. Therefore, PRC1 subunits are apparently 

degraded upon mutation, but no effect on PRC2 integrity was detected in PRC1-

deficient cells. This was also validated by ChIP-qPCR analysis of PSC and PC 

subunits at six selected PREs. Notably, ChIP signals for parts of the PRC2 

complex as well as H3K27me3 were dramatically decreased in PRC1-deficient 

cells. Our results suggest that although PRC2 integrity seems to be independent 

of PRC1, at many PREs PRC2 binding is impaired without successful recruitment 

of PRC1. Nevertheless, PREs seem to vary in terms of coordinating PcG 

complexes and their recruitment. 

Next, we tested the PRC2:PRC1 dependency genome-wide by ChIP-seq analysis. 

For this, we utilized E(Z) ChIP-seq signals to distinguish PRC2 binding to PREs 

upon PRC1 ablation. All PREs showed lower levels of PRC2, but about two thirds 

of PREs showed severe reduction of PRC2 complex binding when PRC1 was 

impaired. Our data suggest that the level of PRC2:PRC1-dependency varies across 

PREs.  

We next examined computationally defined PREs, where there was no PRC1 

dependency for recruitment of PRC2 complexes (independent PREs). By using a 

transgene consisting of a white reporter gene we checked whether these PREs are 

functional units and can recruit both PcG complexes. Our ChIP data suggest that 

PREs in which PRC2 recruitment is independent of PRC1 can recruit PRC 

complexes and repress the reporter gene.  
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In this study, we also investigated the link between H2AK118ub and PRC2:PRC1 

dependency as this mark was reportedly responsible for PRC2 recruitment in 

mice (Blackledge et al., 2014). Our ChIP-qPCR results showed no correlation 

between H2K118ub and dependency between PRC complexes, and the 

ubiquitylation mark was lost in both types of PREs (PRC1-dependent and PRC1-

independent) upon PRC1 deficiency. Therefore, we concluded that H2AK118ub is 

not a requirement for recruitment of PRC2.  

PRC2 deficiency:  

Next, we examined the PRC2-deficient cell line, in which Su(z)12 mutation results 

in degradation of E(Z) protein. Hence, there is no H3K27me2,3 marking 

mediated by E(Z). In PRC2-deficient cells we observed that loss of PRC2 has no 

effect on total levels of PRC1 or H2AK119ub in the cells. Through ChIP-qPCR with 

antibodies against different subunits of PRC1 complexes, we checked PRC1:PRC2 

dependency in PRC2-deficient cells. Our results suggest that in both types of 

PREs (PRC1-dependent and PRC1-independent), the PRC1 recruitment is 

independent of PRC2 and H3K27me3 marks. This finding was further tested by 

comparing ChIP-seq signals for PSC subunits in mutant cells versus controls.  We 

found no measurable effect on PSC, but this effect did not differ in the two types 

of PREs and was not as strong as the PRC2:PRC1 dependency. We observed no 

indication of strict dependency of PRC1 recruitment on PRC2.   

Another part of PcG proteins is the PHO-RC complex. Although little is known 

about its function, one hypothesis is that PHO-RC directly interacts with PRC2, 

anchoring it to PREs. To investigate the role of PHO-RC complexes in PRC 

recruitment, we used ChIP-qPCR with antibodies against PHO in both mutant 

cell lines (PRC1- and PRC2-deficient). The results showed that PHO-RC:PRC1 

interaction does not involve PRC2 and the PHO signal did not change in the 

absence of PRC2 or H3K27me3.  

In this study we showed that PREs can differ in terms of recruitment strategy for 

PRC complexes. Some PREs need PRC1 recruitment for successful PRC2 binding 

while others can recruit both complexes independently. Our results also 

challenged the classical view of H3K27me3 and H2AK119ub marks as they were 

previously believed to be essential requirements for recruitment of PRC 

complexes. Overall, our results suggest that there is flexibility in recruitment of 

PRC complexes by different PREs.  
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Paper 3 

The gut microbiome participates in transgenerational inheritance of 

low-temperature responses in Drosophila melanogaster 

In recent years epigenetic studies have revealed that transcriptional responses to 

environmental stimuli can be transferred to the next generation and often persist 

for several more generations. Several mechanisms have been suggested for this 

transmittance, including DNA methylation, histone modifications and processes 

mediated by ncRNAs. All investigations of this phenomenon before the study 

presented in Paper 3 addressed the mechanism(s) involved in the germline. 

However, germ cells are not the only materials transferred from mothers to their 

children. We know that in metazoans the microbiome is also transferred from 

parents to their offspring. Briefly, the microbiome is the consortium of all bacteria 

that share an organism’s body space, and their relations to several physiological 

and psychological disorders have been reported and studied in several cases. 

Interestingly, a number of studies have observed undesirable phenotype 

transmittance upon fecal transplantation, which is an old remedy for 

gastrointestinal disorders especially C. difficile infections. These observations 

raised the possibility that the microbiome can participate in transgenerational 

inheritance of transcriptional responses.  

To test this hypothesis, we used D. melanogaster as it is an ideal model for this 

purpose since fruit flies defecate in their food and the offspring consume the 

parents’ feces (and thus their microbiomes) together with food. We designed our 

experiment to control the set of bacteria transmitted from parents to their 

offspring while the parents were exposed to a cold (18°C) or control (25°C) 

temperature. All offspring were reared at the control temperature. We set up the 

experiment so that the offspring received a controlled set of parental bacteria in 

their media. We then used 16S rDNA amplicon sequencing to evaluate the 

microbial transfer and RNA-seq to study the transcriptional responses in both 

generations.   

Next, we compared differentially expressed genes (DEGs) in representatives of 

the two generations. To identify DEGs in the F1 generation, we compared control 

and cold-treated F1 flies, and to identify DEGs in the F2 generation we compared 

flies that had received their germline and microbiome from control flies to flies 

that obtained both from cold-treated flies. Analysis of the DEGs in parents and 

their offspring revealed a significant overlap, indicating that some parental 

transcriptional responses were retained in their offspring although the initial 

stimuli was absent (as all offspring were grown at the control temperature). 

Hierarchical clustering of all samples showed that the major route for inheritance 
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of transcriptional patterns is, unsurprisingly, through the germline. Almost all 

the offspring samples clustered together with the parents providing their 

germline. This was also seen in Principal Component Analysis (PCA) of all 

offspring samples based on their expression profiles obtained from RNA-seq read 

counts.  

The first Principal Component clearly separated offspring samples according to 

their germline, while the second separated offspring samples according to their 

acquired microbiome. To further validate this observation, we used OPLS-DA 

models, which confirmed that the offspring samples can be separated based on 

their acquired microbiomes.  

In agreement with previous studies, we found that two families of bacteria 

(Acetobacteriaceae and Lactobacillaceae) are the main components of the gut 

microbiome in Drosophila flies. Our observations also revealed that relative 

frequencies of these bacterial families differ between control and cold-treated 

flies and the difference is maintained in offspring that receive the respective 

microbiomes. Moreover, analysis of DEGs’ expression in different Drosophila 

tissues showed that most of the selected genes (with trans-generationally 

inherited expression patterns, linked to the microbiome exchange), are highly 

and mainly expressed in the gut. Thus, some of the interplay between microbiome 

and fly host cells apparently occurs in the gut. Identification of the specific types 

of bacteria involved and their action mechanisms would require further 

investigation. Nevertheless, we believe that this study provided the first evidence 

that the microbiome participates in transgenerational inheritance of acquired 

transcriptional responses and should be considered together with previously 

studied mechanisms.   
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