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Abstract	
The modernized world is over-consuming low-cost energy sources that strongly contributes to 
environmental stress. As a consequence, the interest for environmentally friendly alternatives has increased 
immensely. One such alternative is utilizing the diazotrophic nature of the heterocystous filamentous 
cyanobacteria Nostoc sp. as feedstock for biodiesel and hydrogen production using pulp and paper 
wastewater – a phosphorous and nitrogen deficient medium. In this work, biodiesel and hydrogen production 
was studied with respect to three main aspects: biodiesel quality properties, lipid content and hydrogen 
production coupled with a preliminary study investigating the luminous effects on the biomass and biodiesel 
quality properties when exposed to low (50 µEm-2s-1), medium (150 µEm-2s-1) and high light (300 µEm-2s-

1).   

The preliminary study showed that an increase of light intensity was associated with parabolic results for 
biomass following the 10-day cultivation period, with the medium light intensity showing an average dried 
weight of at the most 203% greater than the two other light intensities. When analysing the FAME-
composition, similar results were demonstrated for the fatty acid constituents preferred for biofuel 
applications, C18:1 and C18:2 fatty acids, where the low, medium and high light showed an accumulative 
34.65, 43.1 and 31.6 dwt % respectively.  

The strain could be of interest as feedstock for biodiesel when cultivated in pulp and paper wastewater, due 
to the positive results pertaining to the lipid content and biodiesel quality properties. Following the 10-day 
cultivation period the lipid content obtained was 35.9 dwt %. The biodiesel quality properties were tested 
to assess the strains suitability for biodiesel and were tested to ensure its accordance to the standards on 
commercial biodiesel quality; European Standard for Biodiesel as heating oil (EN 14213) and European 
Biodiesel Standard (EN 14214). The critical parameters tested were the regulated (iodine value, cetane 
number, density, viscosity, pour point, cold filter plugging point, oxidative stability) and unregulated 
(FAME-composition) fuel properties. Results obtained showed values within the regulated values set by the 
different standards. However, due to a high saturated fatty acid content, the strain showed inadequate low 
temperature flow properties (cloud point, pour point and the cold filter plugging point).  

This study shows that this strain has a low potential for hydrogen production, with a hydrogen production 
of 0.13 nmol/mg dry wt/h following the 10-day cultivation period. This low hydrogen production could be 
attributed to the among other things the current growth phase of the cyanobacteria. 

Chemical analyses were conducted for revealing the total nitrogen, total phosphorus and chemical oxygen 
demand (COD) content. Following the 10-day cultivation period, the samples showed a 22% decrease in 
phosphorous concentration, 11% decrease in COD concentration and 51% increase of nitrogen 
concentration. The probable causes for this increase is the Nostoc’s diazotrophic nature and the ammonium 
excretion nitrogen fixation entails, as well as the nitrogen release following the final algal growth phase – 
the death phase.  

In conclusion, the results showed great potential, however, further studies are recommended investigating 
the changes that occurs during cultivation period to further assess the strains potential as well as assessing 
the continuity of the results with a greater initial cellular concentration. Nonetheless, due to the positive 
results obtained regarding the nutrient uptake, biodiesel and hydrogen production, this study shows potential 
for further optimization for the use of Nostoc grown in pulp and paper wastewater for wastewater treatment, 
biodiesel and/or hydrogen production.   	
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II. Nomenclature	

A"#$%&'#(%)*  Area units obtained from the gas chromatograph for the 
calibration gases. 

A+(,-+$+*+	  
Area units obtained from the gas chromatograph for the 
ethylene gases 

V0#1 The gaseous volume in the cuvette 

V%*2+"(+3 The injected volume into the gas chromatograph 

V4  The molar volume into the gas chromatograph 

ATP  Adenosine triphosphate – transports energy within cells 

BOD Biological Oxygen Demand 

CFPP  Cold Filter Plugging Point 

CIS  The concentration of the internal standard 

CN Cetane Number 

COD  Chemical Oxygen Demand 

CP Cloud Point 

CUA The concentration of the unknown analyte 

Di	 Number of double bounds present in the ith fatty acid 

DU Degree Of Unsaturation 

dwt Dry Weight 

dwt % Dry Weight Percentage 

FA Fatty Acid 

FAME	 Fatty Acid Methyl Ester 

GC Gas chromatograph 

IV Iodine Value 

LCSF Long Chain Saturation Factor 

Mi  Molecular Weight of the ith Fatty Acid 
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MUFA  Monounsaturated Fatty Acid 

n 	 Number of FAMEs  

Ni Weight Percentage of the ith Fatty Acid 

PAIS  The observed fatty acid methyl esters peak area of the 
internal standard 

PAUA  
The observed fatty acid methyl esters peak area of the 
unknown analyte 

PP Pour Point 

PUFA Polyunsaturated Fatty Acid 

RF Response factor 

SFA Saturated Fatty Acid 

SV Saponification value 

v/v Volume-to-volume ratio 

X  The sum of the linoleic and linolenic acids 

Y Oxidation Stability 

ν	 Kinematic viscosity 

ρ Density 
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1. Introduction		
There is a wide consensus that the use of fossil fuels is negatively affecting the climate, especially due to 
the emissions of greenhouse gases [1]. To mitigate our stress on the environment and climate, European 
policy makers introduced the 2020 package – a set of binding legislation used in order to guarantee an 
increased competitiveness and energy security for countries within the European Union by 2020. In the 
energy sector, the so-called “20-20-20” targets were implemented and these targets include [2] [3]: 

• the reduction of greenhouse gas emissions by at least 20% compared to the levels in 1990 
• the improvement of current primary energies by 20% through energy efficiency measures 
• increasing the energy produced from renewables to 20%. 

This has contributed to increasing research in alternative energy carriers. One such energy carrier is 
hydrogen gas. Hydrogen gas has the highest energy density of any fuel [4] and does not generate or release 
any pollution when utilized. Moreover, hydrogen can be used in fuel cells for various applications, 
generating electricity while converting oxygen gas and the hydrogen gas into water [5] – making hydrogen 
a renewable, environmentally friendly alternative to fossil fuels. Biohydrogen, i.e. hydrogen produced 
biologically, is one interesting field as these systems are adopted from nature, such as photobiological 
systems found in nitrogen-fixating algae and cyanobacteria where hydrogen is produced concomitantly with 
the reduction of atmospheric nitrogen to ammonium. Furthermore, the use of biohydrogen is interesting in 
that it offers methods of production that can be of interest in other processes.  

Another prominent renewable energy carrier of interest is biofuel. The use of first generation biofuels, such 
as, ethanol from wheat, biogas from corn and biodiesel from rapeseed oil have come under heavy scrutiny 
as these feedstocks present notable environmental and economic constraints. One major constraint to first 
generation biofuels is the usage of food biomass for biofuels with the increasing competition of arable land 
[6]. Furthermore, a study conducted by Miao et al, found that cost of feedstock for biodiesel production 
accounts for about 70-85% of the total production cost [7]. These limitations have instigated the 
implementation of next generation biofuels.  

The second generation biofuels comprise of lignocellulosic materials and microorganisms. These second 
generation biofuels, and in particular, microalgae, have gained substantial attention in virtue of their 
characteristics. It has been found that these biofuels in general have an overall higher energy output, higher 
area efficiency, greater lipid (oil) yield and emits less gaseous pollutants to the atmosphere compared to 
first generation biofuels [6] [8] [9]. 

For this particular study, the accumulative lipid content and corresponding qualitative characteristics as well 
as the hydrogen produced are specific parameters of interest. These parameters vary depending on different 
environmental factors; nitrogen & carbon sources, macro- & micronutrients, temperature, light intensity, to 
name a few [10]. Among the specified factors, light intensity is critical a component as light is the source 
of energy for cyanobacterial growth. The luminous requirements vary greatly with the depth and culture 
density of the cyanobacterial culture. For example, for a culture cultured at higher depths with a greater cell 
concentration, a higher light intensity is required to penetrate through the culture. Therefore, light intensity 
analysis is necessary in order to produce an optimal biomass concentration, which will thereby provide an 
approximation of the light intensity with the optimal lipid accumulation [11]. 
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The main goal of a wastewater treatment system is to purify wastewater through the removal nutrients, 
bacteria, toxic material, suspended solids, as well as the chemical and biochemical oxygen demand (COD 
& BOD). In order to efficiently manage the purification processes conventional wastewater treatment 
facilities have adopted a four-step treatment system and can be classified into a preliminary, primary, 
secondary and tertiary treatment process [12]. A preliminary treatment aims at eliminating large solid 
materials, such as wood and fecal matter, as these could potentially hinder the flow of effluents through the 
treatment facility or damage equipment. The primary treatment aims to remove larger particles by means of 
sedimentation. The secondary treatment phase reduces the BOD present by oxidizing the organic matter. 
The tertiary phase of wastewater treatment aims at eliminating organic ions such as nitrogen and 
phosphorous present [12]–[14]. The necessity of this treatment step has become increasingly important as 
it has been shown that the discharge of nutrients (such as nitrogen and phosphorous) into water bodies has 
led to, among other things, the growth of unwanted plants [12]. Improving this third step could be of interest 
as it has been found that this process when aimed at eliminating ammonium, nitrate and phosphate has found 
to be about four times more expensive than the primary treatment process [15]. 

As a result, the use of cyanobacteria could be of particular interest in wastewater treatment processes and in 
particular for tertiary treatment steps due to their ability to assimilate inorganic nutrients such as nitrogen 
and phosphorous as they grow [13]. This reduction of nutrients mainly occurs by uptake into microalgal 
cells.  

The advantages of utilising microalgae as both an energy source and for wastewater treatment include [16]: 

• Low operational cost, as the energy required is supplied by solar energy 
• The simultaneous fixation of carbon dioxide 
• No excess organic carbon requirements – characteristic particularly attractive for the treatment of 

secondary effluents 
• Problems regarding the management of sludge is avoided 

It has been found that algae cultivated in nitrogen and phosphorous deficient mediums, such as pulp and 
paper wastewater, increased lipid content. In a study conducted by Goldberg et al. [17], it was found that 
the total lipid content of the microalgae M. subterraneus increased in a phosphorous deficient environment 
mainly due to the increase of triacylglycerols – a fatty acid-containing compound and the storage of 
metabolic fuel. Similarly, other studies have shown that microalgae and cyanobacteria have a tendency of 
synthesizing greater lipid content when cultivated under a nitrogen deficient environment [18][19][20]. 
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1.1 Cyanobacteria		

Cyanobacteria is a group of aquatic and photosynthetic prokaryotes that are among the oldest photosynthetic 
organisms on the planet, originating about 2.6 billion years ago [21]. These prokaryotes exist in diverse 
forms that include unicellular, filamentous, planktonic or benthic, and colonial (coccoid) ones, and can 
thrive in a wide range of ecological habitats, ranging from marine and freshwater, to terrestrial environments 
[22].  

1.2 Nitrogen	fixation	and	hydrogen	metabolism	in	heterocystous	cyanobacteria		

Through a process called nitrogen fixation, many filamentous cyanobacteria have the ability to reduce 
atmospheric dinitrogen to ammonium. Biological nitrogen fixation is a major driving force in ocean nutrient 
dynamics as they provide fixed nitrogen to the ocean from atmospheric dinitrogen. Furthermore, nitrogen 
fixation contributes to the global nitrogen cycle [23] and supplies between 100-200 tons of nitrogen to 
oceans each year [24]. The conversion of atmospheric nitrogen gas to ammonium requires high levels of 
energy. In order to conserve energy, cyanobacteria will utilize the surrounding environmental nitrogen 
sources in the forms of nitrate and ammonium. However, this accumulation of nitrogen will lead to the 
increase of the energetic requirements of the organism which could result in insufficient glycogen – a 
compound essential for hydrogen production [25][26][27]. In other words, a nitrogen deficient medium 
would be of interest as this accumulation of external environmental nitrogen leads to the inhibition of 
nitrogen fixation and thereby the inhibition of hydrogen production [28]. 

Nitrogen fixation is generally more common in heterocystous cyanobacteria, such as the filamentous 
Nostoc, due to their possession of heterocysts – where the process occurs. This structure is surrounded by a 
specialized thick cell wall made out of layers of polysaccharides and glycolipids that limits the diffusion of 
gases from the environment through the cell wall. Together with the fact that photosystem II, the 
photosynthetic system that performs water splitting, is degraded for heterocysts and coupled with an 
enhanced level of respiration, an apt anaerobic environment suitable for nitrogen fixation is created [29] 
[30] [31] [32]. However, this has also been observed in some non-heterocystous filamentous and unicellular 
cyanobacteria. 

Cyanobacteria produce hydrogen gas through the catalytic action of two enzymes: nitrogenase and 
hydrogenase.  

1.2.1 Nitrogenase		

The nitrogenase enzyme is comprised of a larger Mo-Fe protein (dinitrogenase) and a smaller Fe protein 
(dinitrogenase reductase). Dinitrogenase is a α2β2 heterotetramer – a protein consisting of four non-identical 
subunits bound non-covalently – where the α and β subunits are encoded by the structural nitrogen fixating 
(nif) genes NifD and NifK, respectively. The role of this protein is to disband nitrogen atoms. Dinitrogenase 
reductase is a homodimer – a protein consisting of two identical subunits encoded by NifH– its role is to 
mediate the transfer of electrons to the dinitrogenase [33]. 

Nitrogenase is the enzyme responsible for nitrogen fixation and is found in the heterocysts of filamentous 
cyanobacteria when cultivated under nitrogen limiting conditions [33]. The reaction it performs can be 
summarized with the following general chemical reaction [34]: 
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 8H + 8e9 + N; + 16MgATP
	B%(')0+*#1+	

	2NHD + H; + 16MgADP + 16P% (1) 

This reaction is substantially irreversible and hydrogen is produced concomitantly with the reduction of N2 
to NH4

+ at a rate of one-third to one-fourth of the dinitrogen reduction [33]. The aforementioned process is 
a highly endergonic reaction that requires a high amount of metabolic energy in the form of ATP. For each 
electron transferred from the dinitrogenase reductase to dinitrogenase, two ATP molecules are required. 
Thus, a minimum of 16 ATP molecules is a necessity for the accumulation of electrons required for the 
reduction of nitrogen to ammonia. This energy demand is met by utilizing the solar energy from 
photosynthesis [35]. 

The role for hydrogen production in the mechanism of nitrogenase is not completely understood, but it is 
believed that it could be that the formation of hydrogen gas could be a necessity the reduction of nitrogen 
gas [36]. 

1.2.2 Hydrogenase		

In cyanobacteria there are two types of hydrogenases: uptake hydrogenase and bidirectional hydrogenase.  

The former is located in the heterocysts of filamentous cyanobacteria and is encoded by hydrogen uptake 
genes – hup. The uptake hydrogenase consists of two subunits, where the larger of the two subunits is a 
hupL encoded subunit responsible for the uptake of hydrogen and the smaller subunit plays a key role in the 
transfer of electrons [32]. This enzyme can oxidize molecular hydrogen through the following reaction [37]: 

 H;
F-3')0+*#1+	

	2HG + 2e9. (2) 

This process catalyses oxyhydrogenation (Knallgas reaction) by which the hydrogen produced in the 
nitrogenase process is re-oxidised by an uptake hydrogenase, thereby resulting in no net hydrogen gas 
production under ambient, normal conditions [33]. This suggests that one of the main functions of the uptake 
hydrogenase is to reutilize and regain the hydrogen/electrons produced through the production of hydrogen 
by the nitrogenase – thereby providing ATP via oxyhydrogenation and reducing the loss of energy.  

The latter of the two types of hydrogenases, the bidirectional hydrogenase can as its name suggests act as 
both an uptake hydrogenase and as a producer of molecular hydrogen. This enzyme is located in both the 
vegetative cells and heterocysts and generally composed of five subunits encoded by HoxE, HoxF, HoxU, 
HoxY and HoxH [31] [32]. 

The physiological role of the bidirectional hydrogenase is poorly understood and has been a matter of 
speculation. One role that has been postulated is that it controls ion levels of the organism and mediates the 
discharge of excess reducing energy in anaerobic environments [30] [32] [33]. 

The production of hydrogen catalysed by the combined processes of nitrogenase and hydrogenase function 
both under aerobic and anaerobic conditions. However, due to their sensitivity to oxygen, a greater hydrogen 
production is observed under anaerobic conditions [29] [30] [31] [32] [37]. 
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1.3 Aim	of	the	study	

This study aimed to investigate the potential of the heterocystous filamentous cyanobacteria Nostoc sp 
(hereinafter Nostoc) as feedstock for biodiesel and for hydrogen production using a phosphorous and nitrogen 
deficiency medium – sterilized pulp and paper wastewater. A pre-study was conducted to investigate the 
optimal light intensity for optimal biomass production.  
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2. Materials	and	Methods	
For this project, two different experiments were conducted; a pre-study where different light intensities were 
investigated in terms of bacterial growth and their FAME (fatty acid methyl ester)-profile in order to 
determine the most appropriate light intensity for the main experiment. Based on these observations, the 
main experiment was conducted with the appropriate light intensity. For each of these experiments, the 
cyanobacteria were inoculated in 65ml vessels containing sterilized pulp and paper wastewater obtained 
from SCA in Obbola (Sweden). The main experiment monitored nitrogen and phosphorus contents, nitrogen 
fixation and hydrogen production as well as the fatty acid methyl ester profile, lipid content and the biomass.  

2.1 Cyanobacterial	Culture		
Nostoc was obtained and isolated from fresh water in Umeå, Sweden. All growth experiments were 
performed in a tubular photobioreactor (Multi-Cultivator MC 1000, Czech Republic). The photobioreactor 
consist of 8 cultivation vessels, where which the vessels can be independently adjusted and maintained 
under controlled temperature, light and aeration conditions. The cultivation vessels were immersed in 
temperature controlled water bath. Preliminary batch cultures were cultured in vessels at 27°C ± 1°C, 
constant stirring illuminated by an array of cool white LEDs providing a light intensity 50 µEm-2s-1 in an 
irradiation cycle of 16 hours light and 8 hours dark. The cyanobacteria was cultured in 50 ml BG110 – a 
nutrient solution that is commonly used for increased growth in plants that use photosynthesis [38]. Table 
1 displays the concentrations of the substances in the solution of nutrients used for the BG110 [39], 

Table 1. The different substances and accompanying concentrations used for the stock solution of BG110 [39]. In this experiment 
NaNO3 was excluded. 

Substance Concentration [g/L] 
K2HPO4 ・3H2O 0.040 
MgSO4・7H2O 0.075 
CaCl2・2H2O 0.036 

Citric acid 0.006 
EDTA 0.001 

Na2CO3 0.040 
Trace metal mix 1 mL/ L BG110 

 
where the trace metal mix (Table 1) has a concentration of the following substances. 

Table 2. The concentrations of the substances that constituted the trace metal mix [39]. 

Trace Metal Mix Concentration [g/L] 
H3BO3 2.81 

MnCl2・4H2O 1.81 
ZnSO4・7H2O 0.222 

Na2MoO4・2H2O 0.39 
CuSO4・5H2O 0.079 

Co(NO3)2・6H2O 0.0494 
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Prior to each experiment, the vessel content containing the preliminary batch cultures was transferred from 
each vessel to a separate 50 ml Falcon tube. These tubes were centrifuged (4800 rpm, 3 mins). The resulting 
supernatants were discarded and the remaining cells were rinsed with sterilised water and centrifuged (4800 
rpm, 3 mins) twice in order to avoid traces of the nutrient solution remaining when conducting the different 
experiments. A bacterial concentration of 0.01g/L was transferred into vessels containing fresh medium to 
allow continued growth.  

2.2 Sampling	procedure	and	assessment	of	biomass	production	

After each 10-day growth period, the content of the different bioreactor vessels was transferred to separate 
50 ml Falcon tubes. These tubes were centrifuged (4800 rpm, 3 mins). The resulting supernatants were 
transferred into separate Falcon tubes and frozen for later analysis and the remaining cells were either 
lyophilized to enable further lipid related analysis or transferred to 5 ml vials for hydrogen and nitrogenase 
measurements. Some of the lyophilized cells were used to assess bacterial growth. This was examined by 
weighing the lyophilized cells with a high precision balance. 

2.3 Experimental	Growth	Conditions		

For both the light intensity experiment and the main experiment, a cyanobacterial concentration of 0.01g/L 
was inoculated into vessels containing sterilized pulp and paper wastewater under conditions that included 
growth temperature 27°C ± 1°C, constant stirring under a certain light intensity in a 16:8 light: dark cycle. 
For all the different experiments bacteria was grown for 10 days. In total five replicates were withdrawn for 
the hydrogen experiments, ten replicates for the nitrogenase experiments, seven replicates for lipid content 
experiments, eighteen replicates for FAME experiments, nine replicates for bacterial growth and sixteen 
replicates for chemical analysis.  

2.4 Light	intensity	experiment		

Prior to the main study, a pre-study was conducted to determine the most appropriate light intensity for the 
main experiment. The bacterial growth and FAME-profile was monitored over 10-day growth periods. This 
experiment was performed with light intensities ranging from low light (50 µEm-2s-1), medium light (150 
µEm-2s-1) and high light (300 µEm-2s-1). The light intensity that presented the best results was used for the 
main study. 

2.5 Preparation	of	the	fatty	acid	methyl	esters	

Lipids were extracted from the lyophilized cells after 10 days of growth. Lipids were extracted following a 
modified Bligh and Dyer procedure [40]. An accurately weighed quantity (∼5 mg) of freeze dried biomass 
was extracted with 1.5 ml methanol: H2O (4:1, volume/volume % –  v/v) using pestle and mortar. The 
obtained green paste was stored in a pre-weighed glass vial. The cyanobacterial paste was homogenized in 
a 4:1 methanol: H2O solution, chloroform and 0,73% NaCl water solution producing a 4:1.2:1.2:0.3 
chloroform: methanol: NaCl: water (v/v/v/v) system. Phase separation was facilitated by centrifugation at 
the lowest speed for 2 minutes using a doctor’s centrifuge, the organic lower phase was transferred to a pre-
weighed glass vial. In cases when the lower phase was less than 4 ml, 2ml of chloroform was added and the 
phase separation step was repeated. Following phase separation, 75% of the content was transferred to pre-
weighed glass vials for lipid content measurements and the remaining 25% was used for transmethylation. 
The resulting glass vials were desiccated completely by sparging with nitrogen gas and re-weighed. The 
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yield of the extracted lipids, lipid content, was measured as the percentage of dry weight (wt. lipid/wt. dry 
biomass). 

2.6 Fatty	acid	methyl	ester	analysis	

The fatty acid methyl ester (FAME) profile for the experiments were obtained by gas chromatograph 
(hereinafter GC) analysis. Samples were prepared by transmethylation; adding 1 ml 2% H2SO4 in dry 
methanol, 25% of the extracted lipids and 50 µL of methyl pentadecanoate as internal standard (20mg Me-
15:0/ 100ml) in a glass vial. The samples were sparged with nitrogen gas for 2 minutes and immediately 
closed; thereby trying to avoid escaping gas. Samples were heated to 90°C for an hour. The transmethylated 
fatty acids were extracted by adding 1 ml sterilized H2O and 2 ml petrol ether (PE, boiling point 40-60°C). 
The vials were inverted and centrifuged at the lowest speed for 2 minutes. Of the two resulting phases, the 
top phase was transferred to small glass vials. This petrol ether wash was repeated twice. The small glass 
vials were dried by sparging with nitrogen gas and resolved in 100 µL heptane.  

Using a Varian 3700 Series gas chromatograph equipped with a flame ionization detector (FID), electron 
capture detector (ECD) and coupled with an integrator the FAME-profile was determined [44].The different 
analytes were separated using a 23% SP-1700 on 80/100 Chromosorb PAW (30’ x 1/8” OD SS) column 
[41] using a temperature program of 130°C for 6 minutes followed by a temperature increase of 10°C per 
minute to 180°C for 12 minutes. The FID detector was set at 180°C. Samples containing 1 µL sample and 
0.5 µL heptane (used as lubricant) were injected into the injector set at 190°C and followed the temperature 
program to that of the column. 

A standard containing FAMEs ranging from myristic acid (C14:0) to linolenic acid (C18:3) was used to 
identify the retention time for FAME peak integration. The concentrations of the obtained peaks were 
determined by with the use of the following equation: 

 𝐶IJ =
𝐶LM
𝑃𝐴LM

⋅ 𝑃𝐴IJ ⋅ 𝑅𝐹 (3) 

where CUA and CIS corresponds to the concentration of the unknown analyte and the internal standard (78 
nmol). PAUA and PAIS denotes the observed FAME peak area of the unknown analyte and internal standard. 
The RF, response factor, corresponds to the ratio between a samples concentration and the signal produced 
by the sample in the GC. This factor is used to correct difference in GC detector responses of impurities. 
Theoretical response factors of different FAMEs are expressed in  

Table 3. 

Table 3. Theoretical response factors of different fatty acid methyl esters. 

Ith FAME FAME: 
Carbon Number 

Systematic name 
Theoretical Response 

Factor 
1 14:0 Myristic acid 1,05 
2 16:0 Palmitic acid 0,95 
3 16:1 Palmitoleic acid 0,96 
4 16:2 Hexadecadienoic Acid 0,96 
5 18:0 Stearic Acid 0,86 
6 18:1 Oleic acid 0,86 
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7 18:2 Linoleic acid 0,87 
8 18:3 w3 Linolenic acid 0,88 

 

2.7 Qualitative	analysis	of biodiesel	

In order to assess the lipid quality of the cyanobacterial strain, several chemical and physical properties were 
estimated from the derived FAME profiles. These properties can be grouped in different categories in the 
way which they effect a certain process. These categories include; engine related processes (cetane number, 
saponification value, iodine value), physical properties (density and kinematic viscosity), low temperature 
flow properties (cloud point, pour point and cold filter plugging point) and storage stability (oxidative 
stability) [42]. 

The cetane number (CN) of the mixture was estimated by the following empirical equation proposed by 
[43],  

 𝐶𝑁 = 46.3 + WXWY
MZ

− 0.225 ⋅ 𝐼𝑉. (4) 

The saponification value (SV) and iodine value (IV) were calculated using equation (5) and equation (6, 
where; Di is the number of double bonds present in the ith fatty acid; Mi is the molecular mass; and Ni is the 
weight percentage of the ith fatty acid [43], 

 𝑆𝑉 = (560 ⋅ 𝑁b)
b

⋅ 𝑀b (5) 

 𝐼𝑉 = 254 ⋅ 𝐷b ⋅ 𝑁bb ⋅ 𝑀b. (6) 

The degree of unsaturation was obtained by utilizing the amount of monounsaturated (MUFA) and 
polyunsaturated fatty acids (PUFA) (wt.%) present in the FAME profile, this relation can be illustrated using 
equation (7 [44], 

 𝐷𝑈 = 𝑀𝑈𝐹𝐴 + 2 ⋅ 𝑃𝑈𝐹𝐴 . (7) 

The cold filter plugging point (CFPP) was calculated by the use of the following empirical equation [44]  

 𝐶𝐹𝑃𝑃 = 3.1417 ⋅ 𝐿𝐶𝑆𝐹 − 16.477. (8) 

The long chain saturation factor (LCSF) was estimated by totalling a certain percentage of certain fatty acid 
(C16, C18, C20, C22, C24 wt. %) using the following empirical equation [44], 

 𝐿𝐶𝑆𝐹 = 0.1 ⋅ 𝐶16 + 0.5 ⋅ 𝐶18 + 1 ⋅ 𝐶20 + 1.5 ⋅ 𝐶22 + 2 ⋅ 𝐶24 . (9) 

The cloud point (CP) and pour point (PP), was derived using the following empirical equation; where C16 
corresponds to the weight percentage of palmitic acid [45], 

 𝑃𝑃 = 0.571 ⋅ 𝐶16 − 12.2 (10) 
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 𝐶𝑃 = 0.526 ⋅ 𝐶16 − 4.992. (11) 

The following physical parameter, kinematic viscosity and density were estimated using the following 
empirical equations suggested by [46]: 

 𝜈b = −12.503 + 2.496 ⋅ ln 𝑀b − 0.178 ⋅ 𝐷b, (12) 

 𝜌b = 0.8463 + X.n
op
+ 0.0118 ⋅ 𝑁b, (13) 

where, νi is the kinematic viscosity of at 40°C in mm2 s-1, ρi is the density 20°C in g/cm3, Mi is the molecular 
mass and Ni is the weight percentage of the ith fatty acid.  

The oxidation stability and its correlation to the fatty acid content can be predicted with the following 
empirical equation suggested by [47]: 

 𝑌 = 		 rrs.n;nW
t

+ 2.5905, (14) 

where X is the sum of the linoleic and linolenic acids (C18:2 & C18:3, wt. %) obtained from the FAME 
profile.  
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2.8 Nitrogenase	activity		

A method called acetylene reduction assay (ARA) was used to receive an indirect measure of the nitrogen 
fixation. In this method acetylene is added to a nitrogen-fixing organism and is reduced to ethylene as 
follows [48]: 

 C;H; + 2HG + 2e9
	*%(')0+*#1+	

	C;HX. (15) 

As nitrogenase catalyses acetylene at a higher rate than dinitrogen when 10% acetylene is present, due to 
acetylene being a competitive inhibitor of nitrogen fixation [49], the ethylene produced is a good measure 
of the nitrogenase activity. However, the resulting hydrogen from the nitrogen fixation is not isolated from 
possible hydrogen from bidirectional hydrogenase and is likely to be consumed by uptake hydrogenase [33]. 

In order to record the reduction of acetylene or nitrogenase activity, 3 ml of cells were transferred from each 
vessel to a separate 5 ml flask sealed with a penetrable but gas tight lid. For each sample two replicates were 
made and were argonised to anerobiosis. The flasks were then incubated for 16 hours under similar 
conditions as during the experimental growth phase.  

Prior to injecting the samples into the gas chromatograph, 10 % of head-space volume from each sample 
was exchanged with acetylene and incubated for 24 hours in the same conditions as during the 
experimental growth phase. To enable the calculation of reduced ethylene, a calibration sample of 570 
ppm ethylene was injected into the GC-8AIF gas chromatograph with a flame ionization detector 
(Schimadzu Scientific Instruments, Columbia, USA) [50]. As the gas chromatograph detects the reduced 
ethylene in area units, the following relations must be used [33]:  
 

 Factor	for	calibration	 =
V%*2+"(+3 ⋅ C+(,-+$+*+
V4 ⋅ A"#$%&'#(%)*

, (16) 

 
Ethyelene	reduced =

A+(,-$+*+ 		 ⋅ 	Factor	for	calibration	 ⋅ 	V0#1
V%*2+"(+3 ⋅ h'+#"(%)*(%4+

, (17) 

 

where V%*2+"(+3, V4 and V0#1 corresponds to the injected volume into the gas chromatograph (L), the molar 
volume of this assumed ideal gas (24.2 L/mol at 25°C) and the gas volume in the cuvette respectively. 
A"#$%&'#(%)* and A+(,-+$+*+ relates to the area units obtained from the gas chromatograph for the calibration- 
and ethylene gases. In order to recalculate the hydrogen production, a 1 ml calibration sample of 570 ppm 
hydrogen gas (C+(,-+$+*+) was injected into the gas chromatograph to yield the calibration area needed to 
solve the abovementioned factor for calibration, equation (16. 
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2.9 Hydrogen	production		

For hydrogen production, 3 ml of cells were transferred from each vessel to a separate 5 ml tube sealed with 
a penetrable but gas tight lid. These tubes were argonised to anerobiosis. For each sample two replicates 
were made; for each replicate, 10% of the head-space volume was exchanged with acetylene and were then 
incubated for 16 hours under similar conditions as during the experimental growth phase.  

In order to measure the hydrogen production, 1 ml of head-space volume from each sample was injected 
separately into the gas chromatograph (Shimadzu GC-8AIT, Shimadzu Scientific Instruments, Inc. 
Colombia, MD USA, with a thermal conductivity detector) [50]. As the gas chromatograph detects the 
hydrogen production in area units, the following relations must be used [51], 

 

 Factor	for	calibration	 =
V%*2+"(+3 ⋅ C,-3')0+*
V4 ⋅ A"#$%&'#(%)*

, (18) 

 
Hydrogen	production =

A,-3')0+* 		 ⋅ 	Factor	for	calibration	 ⋅ 	V0#1
V%*2+"(+3 ⋅ h'+#"(%)*(%4+

, (19) 

 

where V%*2+"(+3, V4 and V0#1 corresponds to the injected volume into the gas chromatograph (L), the molar 
volume of this assumed ideal gas (24.2 L/mol at 25°C) and the gas volume in the cuvette respectively. 
A"#$%&'#(%)* and A,-3')0+* relates to the area units obtained from the gas chromatograph for the calibration- 
and hydrogen gases. The factor for calibration was calculated using a calibration sample of 1817 ppm 
hydrogen gas (C,-3')0+*). 

 

2.10 Chemical	Analysis		

Total nitrogen measurements were made according to the LCK 138 (1-16 mg/L LATON) protocol (HACH, 
LANGE, Czech Republic). A mixture of 1.3ml sample, 1.3 solution A and 1 tablet B was added in quick 
succession to a dry reaction tube and heated at 100°C for 60 mins using a HACH LANGE LT200 heating 
block. After cooling to room temperature, 1 MicroCap C was added to the reaction tube. The tubes were 
inverted a few times until the content had been fully removed from the MicroCap C and 0.5 ml of this 
disgusted sample was slowly pipetted to the Cuvette Test. Thereafter, 0.2 ml solution D was added to the 
Cuvette Test, immediately closed and inverted until no more streaks could be seen. The cuvette was 
incubated for 15 minutes before being evaluated by spectrophotometric measurements (HACH LANGE DR 
3900).  

For the total phosphorous measurements, the LCK348 (0.5-5.0 mg/L PO4-P) protocol was used (HACH, 
LANGE). Carefully, the foil from the DosiCap Zip was removed and unscrewed before pipetting a 0.5 ml 
sample in the cuvette. The DosiCap was screwed back on upturned and the cuvette was shaken firmly. Using 
the HACH LANGE LT200 heating block, the cuvette was heated for 60 minutes at 100°C, cooled down to 
room temperature and shaken firmly. 0.2ml of Reagent B was pipetted into the cooled cuvette and DosiCap 
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Zip was replaced with a grey DosiCap C. The cuvette was inverted thoroughly for 10 mins before being 
evaluated in the spectrophotometer.  

The total chemical oxygen demand (COD) was measured using the LCK 1014 (100-2000 mg/L O2) protocol 
(HACH, LANGE). The sediment inside the cuvette was brought to suspension by inverting the cuvette a 
few times. Carefully, 2ml sample was pipetted and by using the HACH LANGE LT200 heating block, the 
cuvette was heated for 120 minutes at 148°C and inverted carefully twice. The cuvette was cooled down to 
room temperature before being evaluated in the spectrophotometer. 
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3. Results	and	Discussion	
This study aimed to evaluating the prospect of utilizing the cyanobacteria Nostoc as a biocatalyst and 
feedstock for biodiesel and hydrogen production in pulp and paper waste water. For this experiment, the 
nutrient and lipid content, hydrogen production and nitrogenase activity were monitored in order to make 
an appropriate evaluation. Prior to this evaluation, a preliminary study investigating the effects of the light 
intensity was conducted to ensure that one can maximise the growth.  

3.1 Preliminary	light	intensity	study		

This preliminary study was conducted in order to, as earlier stated, maximise the growth and thereby 
indirectly the lipid accumulation and hydrogen production. Furthermore, a minor FAME-profile analysis 
was also conducted comparing the effects of differing light intensities can have on the FAME-composition 
and thereby the biodiesel quality. This experiment was conducted with three light intensities, low light (50 
µEm-2s-1), medium light (150 µEm-2s-1) and high light (300 µEm-2s-1) where the light intensity that presented 
the best results would be used for the main study. 

3.1.1 Growth	Analysis		

Table 4 shows the final cyanobacterial concentration of Nostoc at light intensities 50, 150 and 300 µEm-2s-

1 for a photoperiod of 16:8 hours light:dark. The different cultures had an initial concentration of 0.01g/L 
and were sampled after 10 days. The results reveals that the concentrations differed for the different light 
intensities. The results show that of the three different light intensities evaluated, the light intensities around 
150 µEm-2s-1 was most suitable for cultivation. The resulting concentration is 0,085g/L which corresponds 
to the higher range of growth rate reported in previous literature where Nostoc was grown in wastewater 
mediums [52] [53]. 

Table 4. The cyanobacterial concentration for three different light intensities following a 10-day growth period, x̄ ± SD. n= 3 for 
50 µEm-2s-1, n=9 for 150 µEm-2s-1 and n= 9 for 300 µEm-2s-1. 

Light intensity Average DW [g/L] 

50 µEm-2s-1 0,028 ± 0,01 
150 µEm-2s-1 0,085 ± 0,014 
300 µEm-2s-1 0,031 ± 0.008 

 

When the cyanobacteria experiences insufficient light, the growth is said to be under a photolimitative 
condition. In this state an increase in the light intensity improves the cyanobacterial growth until it reaches 
a saturation light intensity – the light intensity at which a light intensity increase does not signify an increase 
in the photosynthetic rate [33]. So in other words, an excessive light intensity may inhibit growth, whereas 
an insufficient amount may lower the growth rate. The low cyanobacterial concentration observed for the 
50 µEm-2s-1 and 300 µEm-2s-1 could be attributed to photolimitative condition.  

For this experiment, the light intensity 150 µEm-2s-1 is preferred when studying the cyanobacterial 
concentration obtained from the three different light intensities primarily to ensure the integrity and 
reliability of the experiment during the sampling procedure in later experiments. 
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3.1.2 Comparison	of	FAME	profiles	

Biodiesel properties are dependent on the FAME composition and in particular the short chain fatty acids 
contain between 14-18 carbon atoms [54]. In studies conducted by Richardson et al. and Harwood et al., it 
was reported that microalgae cultivated under different luminous conditions exhibited changes to their 
chemical composition and the lipid composition thereby altering the FAME profile [55][56]. As a result, 
investigating the FAME for the cyanobacteria grown under different light intensities is essential in 
determining the light intensity with the more favourable FAME-composition. The results obtained are 
summarized in Table 5.  

Table 5, Fatty acid composition of bacteria for different light intensities (wt. %).  
x̄ ± SD. n= 2 for 50 µEm-2s-1, n=13 for 150 µEm-2s-1 and n= 2 for 300 µEm-2s-1. 

FAME: 
Carbon Number 

Systematic name 
Fatty acid composition (wt. %) 

50 µEm-2s-1 150 µEm-2s-1 300 µEm-2s-1 

C14:0 Myristic acid 2.65 ± 0.97 0.99 ± 0.83 1.47 ± 0.39 
C16:0 Palmitic acid 26.52 ± 9.81 24.63 ± 6.51 35.41 ± 19.23 
C16:1 Palmitoleic acid 8.18 ± 1.95 5.8 ± 1.84 8.14 ± 4.07 

C16:2 Hexadecadienoic Acid 3.49 ± 3.49 5.57 ± 4.21 4.47 ± 3.18 

C18:0 Stearic Acid 14.95 ± 2 14.3 ± 5.57 14.01 ± 6.5 
C18:1 Oleic acid 24.42 ± 8.58 33.66 ± 12.16 25.6 ± 8.72 
C18:2 Linoleic acid 10.13 ± 0.26 9.4 ± 1.85 6 ± 2.71 

C18:3 w3 Linolenic acid 9.66 ±1.61 5.65 ± 3.25 4.9 ± 1.8 

The FAME composition showed that the cyanobacteria’s major constituents were C16 and C18 fatty acids: 
palmitic acid (C16:0), oleic acid (C18:1) and linoleic acid (C18:2). Nostoc cultured under a light intensity 
of 50 µEm-2s-1 accumulate more stearic, linoleic and linolenic acid but less oleic acid. Under the light 
intensity of 150 µEm-2s-1 accumulated less palmitic acid but more hexadecadienoic acid. For cells cultivated 
under 300 µEm-2s-1, palmitic, palmitoleic were the most predominant FAME components. Overall, the 
results show that palmitic (C16:0) and oleic acid (C18:1) appear to be the most common fatty acid.  

Microalgal strains with C18:1 and C18:2 as predominant fatty acid (FA) constituents are more suitable for 
biofuel applications. [57] The cyanobacteria culture cultivated under a light intensity of 150 µEm-2s-1 
showed to have the greatest C18:1 and C18:2 FAs, which further reinforces the use and cultivation of Nostoc 
under the light intensity of 150 µEm-2s-1 for continued analysis in later experiments. 
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3.2 Biodiesel	Quality	Properties		

A systematic analysis of regulated (iodine value, cetane number, density, viscosity, pour point, cold filter 
plugging point, oxidative stability) and unregulated (FAME-composition) fuel properties are very important 
for the assessment of the strain’s suitability for biodiesel production. These quality properties were tested 
on the cyanobacterial strain for different light intensities, with the results presented in Table 6. These 
computed fuels properties were analysed using the empirical equations (4-(14 stipulated in chapter 2.7 and 
are based upon the FAME-composition presented in chapter 3.1.2. These properties are presented further 
and discussed upon in the following five chapters. The results obtained are compared with two standards on 
commercial biodiesel quality; European Standard for Biodiesel as heating oil (EN 14213) and the European 
Biodiesel Standard (EN 14214) in order to assess the strains suitability [42]. 

Table 6. The estimated biodiesel quality properties from the FAME profile of the heterocystous cyanobacteria Nostoc sp. for three 
different light intensities, x̄ ± SD. n= 2 for 50 µEm-2s-1, n=13 for 150 µEm-2s-1 and n= 2 for 300 µEm-2s-1. 

Properties Units 
Standards 

50 µEm-2s-1 150 µEm-2s-1 300 µEm-2s-1 
EN 14213 EN 14214 

CN - – ≥ 51 54,15 54,81 57,93 

SV mg KOH/g – – 207,66 206,36 208,93 
IV g I2/100 g ≤ 130 ≤ 120 81,94 79,75 64,42 
DU wt. % – – 79,17 80,69 64,48 

LCSF wt. % – – 10,13 9,61 10,55 
CFPP °C See Table 7 and Table 8 15,34 13,73 16,66 

CP °C – – 8,96 7,96 13,63 
PP °C ≤ 0 – 2,9 1,82 7,98 
ν mm2/s 3.5-5.0 3.5-5.0 4.179 4.179 4.179 
ρ g/m3 0.86-0.9 0.86-0.9 0,88 0,88 0,88 
Y h ≥ 4 ≥ 6 8,55 10,43 13,41 

SFA % – – 44,12 39,92 50,89 
MUFA % – – 32,6 39,46 33,74 
PUFA % – – 23,28 20,62 15,37 
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3.2.1 Cetane	Number		

The cetane number (CN) is a dimensionless parameter that is extensively used to characterize ignition delay 
(namely, the time elapsed from the injection of fuel into the combustion chamber and ignition of the fuel-
air mixture) and combustion quality of fuels for compression ignition engines. In other words, a high CN 
signifies a lower ignition delay [58]. High CNs improves engine performance and ensures satisfactory cold 
start properties, minimize the formation of white smoke. The optimal range is between 41-56 however, 
according to the European Biodiesel Standard (EN 14214), the CN for biodiesel should be a minimum of 
51 [42]. From the obtained results, the estimates CN for the cyanobacteria varied between 54.15-57.93, 
thereby showing a good CN for the different light intensities.  

In a study conducted by Knothe et al, it was shown that a shorter ignition delay, higher CNs and subsequent 
better combustion was associated with a greater amount of saturated FAME components (such as palmitic, 
C16:0, and stearic, C18:0 acids) [59]. This study also showed longer ignition delays, lower CNs 
accompanied increasing polyunsaturated FAME components (hexadecadienoic acid, C16:2; linoleic acid, 
C18:2; linolenic acid, C18:3). This outcome was also observed in a study conducted by Knothe [54], where 
it was shown that CNs decrease with increasing unsaturation. The results obtained from this study follow 
the same trend, the cyanobacteria cultivated with an irradiance of 300 µEm-2s-1 showed to have the greatest 
amount of saturated fatty acids (SFA wt. %, see Table 6), which according to equation (4 means it had the 
greatest CN. Inversely, 50 µEm-2s-1 had in comparison to the other light intensities a lower CN partly due 
the high levels of polyunsaturated fatty acids (PUFA wt. %, see Table 6). 

3.2.2 Iodine	Value	

Iodine value (IV) is a measure of total unsaturation of FAME, expressed in grams of iodine which react 
with 100 g of the respective sample when adding iodine to the double bonds. IV is used in biodiesel quality 
context in order to evaluate their stability to oxidation [44]. This measurement is of particular interest due 
to the fact that as heating higher unsaturated fatty acids results in polymerization of glycerides, which in 
turn can lead to the formation of deposits or to deterioration of the lubricating biodiesel [60]. This parameter 
is dependent on the FAME composition and the nature of which the biodiesel is to be used, as a result the 
limitation of IV differs from standard to standard. According to the European Standard for Biodiesel as 
heating oil (EN 14213) and the European Biodiesel Standard (EN 14214) the maximum IV should be 130 
and 120 g I2/ 100g respectively. [42] This study show that the IV for all the different light intensity lie at 
good values, 64.42-81.94 g I2/ 100g. 

3.2.3 Low	Temperature	Flow	Properties		

When exposed to certain low temperatures, biodiesel has a tendency of forming waxes. This due to the fact 
that when experiencing low temperatures, the different FAME component in the biodiesel (that differ in 
melting points and solubility) can separate as wax [61]. The three different parameter used to evaluate low 
temperature flow properties of biodiesel are cloud point, pour point and the cold filter plugging point. 

The aforementioned wax separation is a phenomenon that is temperature dependent and in order to evaluate 
this parameter the use of a low-temperature filterability test, namely the cold filter plugging point (CFPP) 
is necessary. The parameter estimates the lowest temperature at which the fuel can flow without difficulty 
in a fuel system, i.e., the lowest temperature before the wax crystals start forming in the fuel system [42]. 
Most standards require the determination of this parameter, however, due to the climatic differences in 
Europe the specific temperature requirements are divided into ‘temperate’ and ‘artic’ climatic zones [42]. 
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Solely on the basis of the CFPP, the temperate and artic climatic zones are divided into six classes (A-F) 
and five classes (0-4) respectively, the values for these different classes can be found in Table 7 and Table 
8 below [61]. 

Table 7. The temperate climatic zone fuel specification [61]. 

Property Class A Class B Class C Class D Class E Class F 
CFPP [°C] 5 0 -5 -10 -15 -20 

Table 8. The artic climatic zone fuel specification [61]. 

Property Class 1 Class 2 Class 3 Class 4 Class 5 
CFPP [°C] -20 -26 -32 -38 -44 

 

For biodiesel in Scandinavia, Class 2 must be met [61]. For all the different light intensities examined in 
Table 6, poor low-temperature flow properties were observed, 13.7-16.6°C.	

Two other low-temperature flow properties that are of great importance are characterized by cloud point 
and pour point. The cloud point (CP) is the temperature at which the biodiesel starts to have a cloud-like 
state – an indication of the formation of wax crystals. The pour point (PP) is the temperature at which the 
biodiesel becomes semi-solid and loses its flow characteristics. The PP occur when microcrystals merge 
and form clusters – an occurrence that always takes place following the CP [45][62]. Both of these flow 
properties give an estimation of the minimum operational temperatures the biodiesel can be used.  

According to the European Standard for Biodiesel as heating oil (EN 14213), the PP for biodiesel should be 
a maximum of 0°C, however, the present investigation show that the PP lies between 2-8°C for the different 
light intensities. Although the obtained results are not sufficient, the results obtained are in agreement with 
the statement that the pour point always should be lower than the cloud point [45]. 

Although the different standards do specify values for the cloud point, studies show that this values should 
lie at around -5°C for algae methyl esters [42]. This experiment show that the CP for the different light 
intensities varied between 8-14°C (Table 6).  

From Table 9, the melting points of the FAMEs evaluated are illustrated.  

Table 9. The melting point of the fatty acid methyl esters. 

FAME: 
Carbon Number 

Systematic name Melting point [°C] Reference 

C14:0 Myristic acid 53.9 [63] 
C16:0 Palmitic acid 62.5 [64] 
C16:1 Palmitoleic acid -0.1 [65] 
C16:2 Hexadecadienoic Acid – – 
C18:0 Stearic Acid 69.3 [66] 
C18:1 Oleic acid 16.3 [67] 
C18:2 Linoleic acid -6.9 [68] 

C18:3 w3 Linolenic acid -16.5 [69] 
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From this table, it is shown that saturated fatty acids (C14:0, C16:0, C18:0) tend to have a greater melting 
point than the corresponding unsaturated esters (C16:1, C18:1, C18:2, C18:3 w3) [63]–[69]. In other words, 
if liquid biodiesel experiences low temperatures, the SFAs will be first to precipitate and will more likely 
constitute the majority of materials recovered from clogged biodiesel fuel filters [45][70]. Thus, biodiesel 
with relatively high SFA content fatty acid content will be more likely to have lower low-temperature flow 
properties. In other words, in terms of low temperature characteristics a low SFA content in the fuel is more 
favourable. Similar results were observed in the current experiment, where a greater SFA content equated a 
greater CFPP, CP, PP (300 µEm-2s-1, Table 6). 

	

3.2.4 Physical	properties		

Kinematic viscosity and density are key parameters required by biofuel standards as these parameters have 
a direct effect on the performance of a diesel engine. In diesel engines, liquid fuel is – with the assistance 
of compressed air – injected at high velocities through nozzles that atomizes into small droplets at the nozzle 
exit. The atomized fuel forms a cone-shaped spray that penetrates into the combustion chamber [71]. The 
viscosity has a direct effect on the quality of this atomization as the viscosity influences the size of the 
droplets, penetration efficiency, the formation of deposits in the engine and ultimately the power produced 
by the engine [42] [54] [72] [73]. 

Density also has an effect on the atomization and combustion. Altering the density will affect the fuel mass 
sprayed into the combustion chamber as diesel fuel systems meter the fuel by volume. This results in an 
alteration of the fuel-to-air ratio required for ignition and the engines power [42][72]. 

Both viscosity and density showed good experimental values (4.179 mm2/s and 0,88 g/m3) within the 
minimum and maximum range required by both the EN14213 and EN 14214 standards. 

3.2.5 Oxidation	Stability	

Oxidation stability is an important property when analysing the biodiesel properties and is measure of a 
fuels susceptibility to degradation by oxidation. This effects biodiesel primarily during long-term storage 
[45]. There are various factors that could affect the oxidation stability of the biodiesel, such as possible 
additives used, the conditions during storage and the properties of the feedstock used [42]. Although these 
mention factors play a part in the oxidative stability, it has been shown that the oxidation stability of 
biodiesel depends primarily on the PUFA content – as these esters are susceptible to oxidation. Biodiesel 
produced from feedstock with a high PUFA content will likely have instability problems during extended 
storage [75].  

According to the European standards EN 14213 and EN 14214, the fuel must have a minimum of 4 and 6 
hours, respectively, of oxidative stability at 110°C, the present investigation show that all the different light 
intensities show good values. The results for oxidative stability in Table 6 also show that the oxidative 
stability decreases with increasing polyunsaturated fatty acids, with the cultures cultivated under a light 
intensity of 300 µEm-2s-1 showing the high oxidative stability.  

3.3 Nutrient	Analysis		

Chemical analyses were conducted for revealing the total nitrogen, total phosphorus and chemical oxygen 
demand (COD) content present in the beginning and end of the experiment when cultivating Nostoc under 
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the optimal light intensity – 150 µEm-2s-1. The phosphorous, COD and nitrogen concentrations of the 
cultivated cyanobacteria following the 10-growth period is illustrated in Figure 1. The wastewater initially 
had a nitrogen, phosphorous and COD concentration of 1,35, 0,074 and 1028 mg/L respectively, and 
following the 10-day cultivation period, the samples showed a 22% decrease in phosphorous concentration 
and a 11% decrease in COD concentration. These results are in agreement with other studies conducted by 
Azarpira et al [76] [77], Dubey et al [78], where a correlation between the reduction of COD and 
phosphorous and the cultivation of Nostoc in industrial effluents and sewage water was noted. However, as 
illustrated in Figure 1, the results show a significant 51% increase of the nitrogen concentration. 

 

 

 

This chemical analysis was conducted with existing protocols for measuring total nitrogen, phosphorous 
and COD concentration. The instrumental reliability for the different protocols were 1-16 mg/L for nitrogen, 
0.5-5 mg/L for phosphorous and 100 – 2000 mg/L for COD. For the nutrients measured, the obtained values 
were within these instrumental ranges with the exception for phosphorous. However, these values were not 
too far outside the range and the methods used proved to be stable and reliable to execute.  

This positive net change in nitrogen concentration could be due to different factors. However, this is most 
likely due to the Nostoc’s diazotrophic nature – the fixation of atmospheric nitrogen –, the fact that the low 
nitrogen concentration initially present in the wastewater necessitates nitrogen fixation and the ammonium 
excretion this process entails [37][80][87]. 

The growth of algal cultivations can be characterized by 5 different phases [81]:  

• Lag phase – the point of inoculation in a foreign environment. 
• Exponential phase – the point of exponential growth due to the adaption to the new environment. 
• Diminishing phase – the point at which the growth rate starts to decrease. 
• Stationary phase – the point at which algae reach its maximal cell density capacity. 
• Death phase – the point at which all the nutrients have been consumed and the cells start decaying. 
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Figure 1. Concentration of the chemical oxygen demand a, phosphorous b and nitrogen c at the beginning (day 0) and the end (day 10) of the 
experimental period, 10, x̄ ± SD. n=6.for a, n=6 for b and n=3 for c. 
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Determining what phase the growth currently is in following the cultivation period is a difficult matter as 
these samples were extracted regardless after 10 days. Extracting the samples, during each of these phases 
would be the ideal scenario as one could properly evaluate the nutrient related changes occurring during the 
10-day cultivation period. However, it is known that when nitrogen fixers experience the death phase, the 
nitrogen fixed by these organisms are released through the decomposition of cells [82]. This could be 
another reason to why the nitrogen concentration increases during the growth period.  

These results clearly indicate the utilization of cyanobacteria to remove excess nutrients from wastewater 
with the exception to the increase of nitrogen. Although the cyanobacterial excretion of nitrogen is not 
advantageous from a wastewater treatment point of view, this cyanobacterial strain could be of interest as a 
slow release bio-fertilizer – in the same way they function in boreal forests: fixing nitrogen during their 
growth phases and releasing this fixed nitrogen during decomposition upon reaching their final growth phase 
[83][84].  
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3.4 Lipid	Content	

The lipid content obtained in this study following the 10-day cultivation period was 35.9 dwt %. This result 
is uncharacteristically high considering some studies have found that values for lipid content lies between 3 
and 12 % for the Nostoc sp. (Table 10) examined under normal growth conditions.  

Table 10. The lipid content (dwt % ) of a few cyanobacteria from the family Nostoc obtained from other studies  species from 
literatures . 1 – signifies results obtained from Vargas et al [85]; 2 attained from Sahu et al [86]. 

Cyanobacterial species  Lipid content (% dwt) 

Nostoc commune1 8.4 ± 0.4 
Nostoc paludosum1 10.4 ± 1.0 

Nostoc sp. (Albufera)1 7.9 ± 1.2  
Nostoc sp. (Caquena)1 11.1 ± 1.0 

Nostoc sp. (Chile)1 10.4 ± 2.5 
Nostoc sp. (Chucula)1 8.4 ± 0.3 

Nostoc sp. (Llaita)1 12.1 ± 0.1 
Nostoc sp. (Loa)1 8.5 ± 0.5 

Nostoc muscorum2 3.22 ± 0.05 

 

However, the lipid accumulation in algal cells depend on the species in question, environmental factors; 
nitrogen & carbon sources present. Of the mentioned factors, it has been shown that the unfavourable 
conditions, such as a limitation to the nitrogen available, can promote the lipid accumulation. When 
cultivated in nitrogen deprived medium with a surplus amount of carbon source, the organism exhausts its 
supply of nitrogen whilst continuing to accumulate the carbon source (in the form of a carbohydrate such as 
glycerol). This stimulates the increased utilization of the built up triacylglycerols – a glycerol combined 
with three fatty acids – through the synthesis of lipids within the cell [18]–[20], [75], [87]. Similar results 
were observed by Damiani et al. in a study assessing the potential use of the green algae Haematococcus 
pluvialis as a biodiesel feedstock, where they found that the lipid content increased by 17% with a nitrogen 
deprived medium. [88] Other studies have found that cyanobacteria grown under unfavourable conditions 
have a lipid content ranging between 5-45 (dwt %) [78].  

These results show that this cyanobacterial strain could be of interest for further investigation as biocatalyst 
and feedstock for biodiesel when cultivated in pulp and paper wastewater. This is partly due to the 
aforementioned high lipid content but also due to their positive biodiesel quality properties. However, due 
to the strains high saturated fatty acid content, the strain showed poor low temperature flow properties (cloud 
point, pour point and the cold filter plugging point). As a result, further analysis investigating methods of 
reducing the saturated FAME–components (C16:0 and C18:0) would be of interest should this feedstock be 
implemented in countries in the northern hemisphere. These methods could include an extensive luminous 
experiment, as in this minor experiment the different light intensities proved to have an effect on the SFA 
content. Other methods could include the cultivation of the cyanobacteria in other wastewater media. 
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3.5 Hydrogen	production	and	nitrogenase	activity	

The results obtained for the hydrogen production and nitrogenase activity following the 10-day cultivation 
period was 0.13 nmol/mg dry wt/h and 0.72 nmol/mg dry wt/h respectively. Compared to the rate of 
hydrogen production obtained for other cyanobacterial strains – see Table 11, this value is rather low. 
However, in the different studies specified in the table 11, the cyanobacteria were cultivated using with a 
nutrient solution enabling ideal diazotrophic conditions [91] [92] [93].  

Table 11. The maximum rate of hydrogen production (mol/mg dry wt./h) of a few cyanobacterial strains.  

Cyanobacterial species Maximum hydrogen 
production Reference 

Anabaena sp. PCC 7120 0.05 µmol/mg dry wt./h [91] 
Anabaena Cylindrica B-629 0.103 µmol/mg dry wt./ h [92] 

Calothrix Scopulorum 1410/5 0.128 µmol/mg dry wt./ h [92] 

Calothrix Membrnacea B-379 0.108 µmol/mg dry wt./ h [92] 

Oscillatoria brevis B- 1567 0.168 µmol/mg dry wt./ h [92] 

Oscillatoria sp. Miami BG7 0.250 µmol/mg dry wt./ h [93] 

 

For this current study, similar conditions cannot be met initially as there is an initial nitrogen concentration 
in the wastewater that inhibits the nitrogenase activity and thereby the hydrogen production. Furthermore, 
the results obtained might not signify the maximum hydrogen production for the cyanobacterial strain. This 
due to the fact that it is extremely difficult to determine the current bacterial growth phase for the Nostoc 
strain. For example, if some of the Nostoc cells were undergoing the death phase, the nitrogen fixed will be 
excreted through the decomposition of cells which will provide an increase in environmental nitrogen for 
cells undergoing other stages of growth. As nitrogen fixation requires high levels of energy, the cells 
undergoing other stages of growth will prioritize the surrounding sources of nitrogen and thereby reducing 
nitrogen fixation and the concomitant production of hydrogen. Furthermore, the obtained values for 
nitrogenase activity show that the values obtained for hydrogen production are byproducts of nitrogen 
fixation and is not due to the presence of foreign or external hydrogenase in the samples.  

In terms of hydrogen production, this study shows that this strain has a low potential for hydrogen 
production when cultivated in pulp and paper wastewater under a light intensity of 150 µEm-2s-1 for a period 
of 10 days. However, further analysis of the evolution of hydrogen and the nitrogenase activity is 
encouraged as these results only point out the hydrogen produced after 10 days – a greater rate of hydrogen 
production could occur before or following this point. Furthermore, one needs to bear in mind that hydrogen 
production depends on other factors besides diazotrophic conditions. Before excluding the strain as a 
potential feedstock for hydrogen production when cultivated in pulp and paper wastewater, the effects of 
differing light intensities and temperatures on the hydrogen produced should be investigated further.  
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4. Proposed	Future	Work		
The results obtained show potential for the use of Nostoc as biocatalyst and feedstock for biodiesel and 
hydrogen production. However, there are certain aspects of the study that could be optimized and improved 
in order to better one’s understanding of the underlying processes occurring and points that could be of 
possible interest.  

It would be of interest to repeat the same experiments on a larger scale, since the current experimental 
apparatus was on a small scale and not comparable to industrial applications.  

For example, due to the low concentration of cells, reoccurring observations during the 10-day period were 
not possible as the hydrogen, lipid content measurements and lipid quality analysis require a certain cellular 
concentration. This cellular concentration could have jeopardized the integrity and reliability of the 
experiment if these samples had been sampled during the cultivation period. A larger scale experiment 
would allow an in-depth investigation of more aspects of the experiment. 

For instance, with a greater cellular concentration, several samples could have been withdrawn during the 
stationary phase, which would enable an accurate estimation of the time at which the cyanobacteria reach 
its maximal cell density capacity – the point at which the growth rate reaches its peak following the 
consummation of nutrients [81]. The results obtained for the cellular concentration in chapter 3.1.1 does not 
accurately point out any phase, it only illustrates the growth following the end of the cultivation period. As 
differing light intensities affect the cyanobacterial growth differently it is difficult to say what stage the 
growth is currently in and whether the cellular concentration can be improved if allowed continued growth.  

Similarly, with a greater cellular concentration it could have been of interest to track changes to the nitrogen 
concentration, nitrogenase activity and hydrogen production to analyse more in-depth how they relate to 
one another. As well as how the nitrogenase activity and hydrogen production behaved following the 
depletion of nitrogen in the medium to the last day of cultivation when there was an increase in nitrogen 
concentration. Moreover, this could enable chlorophyll measurements, as most studies it has found that most 
of the results presented regarding the hydrogen production for Nostoc is measured in terms of milligrams of 
chlorophyll present in the cells.  

A greater light intensity analysis of the cyanobacteria in question, investigating not only effects of light 
intensity but investigating the effects of the whole light regime to optimize the biomass yield and the FAME 
profile. As it has been shown that supplying the cyanobacteria the optimal amount of light based on the 
cellular concentration and the growth phase enables the bacteria to reach a maximum photosynthetic rate 
and thereby optimizing the biomass yield [8]. 
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5. Conclusion		
This study investigated the potential of the heterocystous filamentous cyanobacteria Nostoc sp as feedstock 
for biodiesel and hydrogen production when cultivated in sterilized pulp and paper wastewater by examining 
the three aspects: the lipid content and accompanying biodiesel characteristics, the hydrogen production and 
the uptake of nitrogen and phosphorous. A preliminary study was conducted to investigate the optimal light 
intensity for optimal biomass production. Results pertaining to these different aspects and studies were 
obtained and are discussed.  

When cultivated under the observed optimal light intensity – 150 µEm-2s-1 – the results obtained showed great 
potential, more so in terms of lipid content, biodiesel properties and nutrient uptake than hydrogen 
production. Following the 10-day cultivation period the lipid content obtained was 35.9 dwt % – between 
23.9 – 32.9% greater than other Nostoc sp grown under normal growth condition. Under this period the strain 
showed biodiesel quality properties in accordance to regulated values set by different commercial biodiesel 
quality standards with the exception for the low temperature flow properties. In regards to the hydrogen 
production, this cyanobacterial strain showed low hydrogen production in comparison to other cyanobacterial 
strains under ideal diazotrophic conditions with a hydrogen production of 0.13 nmol/mg dry wt/h. The 
nutrient uptake demonstrated a reduction of phosphorous, chemical oxygen demand (22 and 11% 
respectively) and a 51% increase in nitrogen concentration, where this increase is attributed to the Nostoc’s 
diazotrophic nature and the ammonium excretion nitrogen fixation entails. However, further studies 
monitoring and investigating the changes that occur (in terms of the investigated properties) during the 
growth phases would be a necessity to further assess the strains potential.  

This study should be considered as a basic proof of concept regarding the possible uses of Nostoc sp. and 
can be viewed as a starting point for further optimization of the use of Nostoc in wastewater treatment, 
biodiesel production and/or hydrogen gas production. These new observations could provide additional 
information, strengthening the potential cyanobacteria – an environmentally friendly and sustainable source 
of biofuel.  
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