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ABSTRACT   

Mitochondria are essential organelles in eukaryotic cells. They contain their own genome 
that encodes proteins of the OXPHOS complexes essential for cellular ATP production. 
Failure to maintain mitochondrial DNA (mtDNA) integrity, therefore, can impair energy 
production and lead to mitochondrial dysfunction, which consequently results in a wide 
range of diseases, including rare genetic mitochondrial disorders and neurodegeneration. 

In human mitochondria, the genome is replicated by a unique enzymatic machinery 
including the mitochondrial replicative DNA Polymerase Gamma (Polγ). Polγ is a 
holoenzyme consisting of a catalytic Polγ α subunit and two accessory Polγ β subunits. The 
catalytic subunit Polγ α has both DNA polymerase and exonuclease activities that are 
required for high-fidelity mtDNA replication. A precise cooperation of the two activities of 
Polγ during mtDNA replication is therefore critical to ensure proper mtDNA integrity. In 
our study, we investigated the mechanism by which the pathogenic mutation Y951N 
induces replication stalling and a loss of mtDNA in patient cells. Our findings showed that 
the Y951N mutation in the polymerase domain disrupts Polγ’s ability to switch between its 
polymerase and exonuclease activities, leading to severe mtDNA replication stalling and 
eventually mtDNA depletion. Identifying Polγ residues critical for this intramolecular 
switching mechanism provides insights into how various pathogenic mutations affect the 
maintenance of the mitochondrial genome.  

In response to mitochondrial dysfunction that alters the cellular energy state, particularly in 
the context of mitochondrial DNA depletion, AMP-activated protein kinase (AMPK), a key 
energy sensor and metabolic regulator can be activated to restore energy homeostasis. 
However, the degree of severity of mitochondrial dysfunction required to induce AMPK 
activation, as well as how mitochondrial biogenesis can be restored following stimulation 
of AMPK activity, remains to be elucidated. To address this, we used a cell model of 
mtDNA depletion syndromes (MDS) in which the expression of a pathogenic Polγ variant 
causes severe mtDNA loss, leading to progressive mitochondrial dysfunction. We observed 
that the activation of mitochondria-associated AMPK occurs during the early stages of 
advancing mitochondrial dysfunction. Moreover, our results showed that stimulation of 
AMPK activity using a specific agonist, A-769662, can mitigate impaired mitochondrial 
phenotypes and partially restore mtDNA levels. These findings contribute to our 
understanding of the impacts of specific activators of AMPK on mitochondrial and cellular 
function as well as their potential applications in mitochondrial diseases.     

In addition to defects in nuclear genes involved in mtDNA replication, mutations in the 
mitochondrial genome that arise from errors during mtDNA replication or from repair of 
damaged mtDNA can also result in a loss of mitochondrial genetic integrity, e.g. due to an 
accumulation of large-scale mtDNA deletions. Many of these mtDNA deletion breakpoints 
were recently suggested to occur at sequence motifs with potential to form secondary DNA 
structures, G-quadruplexes (G4s). In our study, by developing a novel tool for mapping G4s 
in living cells, we were able to determine mtDNA G4 formation in human cells under 
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different cellular conditions. Our results indicated that replication stalling enhances G4 
formation, which in turn blocks the replication fork progression and causes mtDNA loss, 
potentially leading to mitochondrial disease. The new mtG4-ChiP tool will enable future 
research to further investigate the factors involved in G4 formation and resolution, as well 
as the mechanistic roles of G4s in the generation of pathogenic mtDNA deletions.  

In parallel with studying mechanisms of mtDNA deletions and depletion, we investigated 
how cells tolerate mitochondrial genome damage to preserve mtDNA integrity. PrimPol, a 
primase–polymerase that can restart stalled mtDNA replication, requires stimulation by 
Polymerase δ–interacting protein 2 (PolDIP2) for efficient DNA synthesis. While 
characterizing this interaction, we unexpectedly found that PolDIP2 forms disulfide-linked 
homodimers, a process that is enhanced under oxidative stress. Notably, PolDIP2 interacts 
with coiled-coil-helix-coiled-coil-helix domain–containing protein 2 (CHCHD2), a 
mitochondrial protein implicated in maintaining cristae structure and dynamics. Our 
findings suggest that redox-sensitive PolDIP2 dimerization may influence mitochondrial 
function by modulating its interaction with CHCHD2 during oxidative stress. 

In summary, the findings presented here provided valuable insights into molecular 
mechanisms of mitochondrial genome instability caused by pathogenic mutations and 
cellular responses to mitochondrial dysfunctions, as well as the involvement of potential 
factors in mitochondrial DNA maintenance.   
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2D-AGE Two-dimensional agarose gel electrophoresis 
ADP Adenosine diphosphate  
AMP Adenosime monophosphate 
AMPK AMP-activated protein kinase  
BER Base excision repair 
CTD C-terminal domain 
CHCHD2 Coiled-coil-helix-coiled-coil-helix domain–containing protein 2 
ddC 2,3-dideoxycytidine 
dNTP Deoxyribonucleotide triphosphate  
Dox  Doxycycline  
DSBs Double-strand breaks 
dsDNA Double-stranded DNA 
EMSA Electrophoretic mobility shift assay 
ETC Electron transport chain 
Exo- Exonuclease deficient  
FAD Flavin adenine dinucleotide 
FADH2 Flavin adenine dinucleotide (reduced) 
G4 G-quadruplex  
HSP H-strand promoter 
IMM Inner mitochondrial membrane 
IMS Mitochondrial intermembrane space 
IP Immunoprecipitation  
LSP L-strand promoter 
MDS mtDNA depletion syndromes 
mtDNA Mitochondrial DNA 
MTS Mitochondrial targeting sequence  
mtSSB Mitochondrial single-stranded binding protein 
NAD+ Nicotinamide adenine dinucleotide 
NADH Nicotinamide adenine dinucleotide (reduced)  
NCR Non-coding region 
nDNA Nuclear DNA 
NTD N-terminal domain 
OH H-strand origin replication 
OL L-strand origin replication  
OMM Outer mitochondrial membrane 
OXPHOS Oxidative phosphorylation 



 

vii 
 

PAE Predicted aligned error  
PCNA Proliferating cell nuclear antigen 
PEO Progressive external ophthalmoplegia 
PGS G4-forming sequences 
PolDIP2 Polymerase delta interacting protein 2 
POLRMT Mitochondrial RNA polymerase 
Polγ Mitochondrial DNA polymerase gamma 
RNA Ribonucleic acid 
ROS Reactive oxygen species  
SDM Strand-displacement model  
SDS-PAGE Sodium dodecyl sulfate–polyacrylamide gel electrophoresis 
ssDNA Single-stranded DNA 
TCA Tricarboxylic acid  
TFAM Mitochondrial transcription factor A  
TLS Translesion synthesis  
TOM Translocase of outer membrane 
WT Wild type 
ΔΨ Mitochondrial membrane potential  

  



 

viii 
 

PUBLICATION LIST 
 
I. The POLγ Y951N patient mutation disrupts the switch between DNA synthesis 

and proofreading, triggering mitochondrial DNA instability 

Josefin M. E. Forslund, Tran V. H. Nguyen, Vimal Parkash, Andreas Berner, Steffi 
Goffartb, Jaakko L. O. Pohjoismäki, Paulina H. Wanrooij, Erik Johansson, and 
Sjoerd Wanrooij. 

Proceedings of the National Academy of Sciences (2025). 
DOI:10.1073/pnas.2417477122 

 
II. Activating AMPK improves pathological phenotypes due to mtDNA depletion 

Gustavo Carvalho*, Tran V. H. Nguyen*, Bruno Repolês*, Josefin M. E. Forslund, 
W. M. Ruchitha Rukmal Wijethunga, Farahnaz Ranjbarian, Isabela C. Mendes, 
Choco Michael Gorospe, Namrata Chaudhari, Micol Falabella, Mara Doimo, Sjoerd 
Wanrooij, Robert D. S. Pitceathly, Anders Hofer, Paulina H. Wanrooij. 

The FEBS Journal (2025). DOI: 10.1111/febs.70006 

*These authors contributed equally to this work 

 

III. Enhanced mitochondrial G-quadruplex formation impedes replication fork 
progression leading to mtDNA loss in human cells  

Mara Doimo, Namrata Chaudhari, Sanna Abrahamsson, Valentin L’Hôte,             
Tran V H Nguyen, Andreas Berner, Mama Ndi, Alva Abrahamsson, Rabindra Nath 
Das, Koit Aasumets, Steffi Goffart, Jaakko L O Pohjoismäki, Marcela Dávila López, 
Erik Chorell, Sjoerd Wanrooij 

Nucleic Acids Research (2023). DOI: 10.1093/nar/gkad535 

 
IV. Redox-dependent dimerization of PolDIP2 and a conserved ApaG-domain motif 

required for CHCHD2 interaction. 

Tran V H Nguyen, Andreas Berner, Kazutoshi Kasho, Anaïs Lamy, Kieran Deane-
Alder, Koit Aasumets, Namrata Chaudhari, Cuncun Qiao, Louise L Fernandes, 
Ronnie Berntsson, Sjoerd Wanrooij 

Manuscript 

 



 

1 
 

INTRODUCTION 

1. Mitochondria and their genome 
Mitochondria are double membrane-bound organelles located in the cytoplasm of 
eukaryotic cells. Mitochondria serve as a “powerhouse” of the cell, which is attributed to 
their capacity to convert uptaken nutrients into energy in the form of ATP for cellular 
functions. In addition to the central role in energy production, mitochondria are now 
recognized as a key player in diverse cellular processes, including metabolite biosynthesis, 
redox homeostasis, signal transduction and immunity, cellular stress response, and 
apoptosis1.    

A large body of evidence, including phylogenetic analyses, strongly supports the bacterial 
origin of mitochondria. According to the widely accepted endosymbiotic theory, 
mitochondria were derived from alpha-proteobacteria that became integrated into a host cell 
approximately 2 billion years ago, establishing an endosymbiotic relationship that formed 
the basis of eukaryotic cells2,3. Over millions of years after this acquisition of the ancestral 
proteobacteria, the endosymbiont underwent substantial genetic reconstruction within the 
host cell and evolved into mitochondria with several retained genomic and proteomic 
characteristics of their original ancestor3.  

It was proposed that most of the original genes from the ancestral endosymbiont were either 
lost or transferred to the nuclear genome of the host over the course of evolution, eventually 
resulting in a considerable reduction in the content and size of the genetic material present 
in mitochondria. Despite the diversity in overall genome sizes and gene content across a 
broad range of eukaryotes, most mitochondrial genomes encode only a few mitochondrial 
ribosomal (rRNAs), transfer RNAs (tRNAs), and a small fraction of mitochondrial proteins, 
typically between 12 and 20 protein-coding genes2,3. As a result, although mitochondria 
retained their own genetic information that contributes to mitochondrial biogenesis, the vast 
majority of mitochondrial proteins are encoded in the nucleus and subsequently imported 
into mitochondria for their functions.  

1.1. Mitochondrial structure, dynamics and metabolism 

1.1.1. The dynamic organization of mitochondria 

Mitochondrial architecture 

One of the features that mitochondria retained from their bacterial ancestor is the double 
membrane structure that encloses the organelle and separates it from the rest of the cells. 
The two membranes, the outer mitochondrial membrane (OMM) and the inner 
mitochondrial membrane (IMM), are characterized by different compositions and functions 
and create distinct internal compartments: mitochondrial intermembrane space (IMS) 
located between the outer and inner membranes, and the mitochondrial matrix (MM) 
surrounded by IMM. 
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The outer mitochondrial membrane is the organelle’s outermost barrier that faces the 
cytosol, and is generally permeable to many ions and small molecules to pass through via 
voltage-dependent anion channels (VDACs)4, which are aqueous pores embedded in the 
lipid bilayer and constitute up to 30% of the OMM surface5. In addition, the OMM hosts 
many proteins that are important for mitochondrial functions, as well as serves as a platform 
for various biochemical and signalling pathways6. The OMM is inhabited by the translocase 
of outer membrane (TOM) and the sorting and assembly machinery (SAM) complexes, 
which mediate the import of mitochondrial precursor proteins into the organelle. Several 
proteins located in the OMM also participate in establishing interfaces, known as 
membrane-contact sites, which connect mitochondria with other subcellular compartments 
(e.g. endoplasmic reticulum (ER), lysosomes, endosomes, and the plasma membrane6).  

In contrast to the smooth OMM, the inner mitochondrial membrane forms highly dynamic 
structures that protrude into the mitochondrial matrix to form invaginations known as 
cristae. The section of IMM that does not fold inwards into the MM but runs parallel to the 
OMM is called the inner boundary membrane (IBM). Cristae are connected to the IBM via 
slit-like structures called crista junctions (CJs)7. The inner boundary membrane hosts 
various channel transporters and protein translocases that are responsible for the shuttling 
of ions, small metabolites, and for the transfer of mitochondrial proteins to and from the 
MM, respectively, whereas the cristae are enriched with protein complexes that constitute 
oxidative phosphorylation (OXPHOS) machinery8,9. Therefore, the highly folded structure 
of cristae, which substantially expands the total surface area of the IMM creates optimal 
conditions for oxidative phosphorylation to occur, thus facilitating efficient ATP production 
that meets cellular demand10.  

 

Figure 1. Schematic overview of mitochondrial structure. The close-up illustrates key components 
within mitochondrial subcompartments: VDAC and TOM complexes on the OMM; MICOS, OPA1, 
and respiratory chain complexes on the IMM; and mitochondrial nucleoids containing mtDNA in the 
matrix. 
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Mitochondrial cristae exhibit diversity in shape and number depending on cell type, which 
can be rapidly adjusted to cellular energy requirements11. The maintenance of the cristae 
structures in physiological conditions, as well as their dynamic reorganization in response 
to internal and external stimuli are orchestrated by numerous key regulators distributed 
across the IMM, including mitochondrial contact site and cristae organizing system 
(MICOS) complex12–14, ATP synthase dimers15,16, and dynamin-related protein optic 
atrophy protein 1 (OPA1)17,18.  

Mitochondria are dynamic organelles that continuously undergo fusion and fission. These 
two opposing processes are tightly coordinated to regulate mitochondrial morphology and 
adaptation to cellular metabolic needs19. Both mitochondrial fission and fusion are highly 
active processes mediated by specialized proteins that act on the OMM and IMM19. 
Mitochondrial fusion results in tubular or elongated mitochondria, forming interconnected 
networks that enable the exchange of intramitochondrial material within the mitochondrial 
population for optimal functioning, especially under metabolic stress20. On the other hand, 
mitochondrial fission occurs when a single mitochondrion divides into two or more separate 
structures. This process allows the formation of new mitochondria during cell division and 
the redistribution of mitochondria to the energy-demanding regions within the cell. 
Additionally, mitochondrial fission contributes to mitochondrial quality control by 
segregating damaged segments of mitochondria20. 

Import of mitochondrial proteins 

As mentioned earlier, in modern organisms, the mitochondrial genome encodes only a small 
portion of the organelle’s proteome (e.g. 13 mitochondria-encoded proteins in mammalian 
cells). Most mitochondrial proteins are nuclear encoded and must be transported from the 
cytosol across the double-membrane system of mitochondria and subsequently sorted into 
their destination within the mitochondria. These precursor proteins possess targeting signals 
that are recognized sequentially by translocase complexes located in both OMM and IMM. 
The targeting signals can be either canonical mitochondria-targeting sequences or so-called 
pre-sequences, which typically consist of 18-20 amino acids and are proteolytically 
removed upon entry into mitochondria, or internal targeting sequences that are found within 
the primary structure and retained in the mature protein21,22. 

The entry of mitochondrial precursor proteins from the cytosol is initiated when their 
targeting signals are recognized by the translocase of the outer membrane (TOM) complex 
for the transport across the OMM. After passage through the TOM complex, the precursor 
proteins can use different pathways to reach their final destinations in mitochondrial sub-
compartments. Many proteins destined for the IMS possess internal targeting signals and 
characteristic cysteine (Cys) motifs that are recognized and sorted by the TOM complex 
and the mitochondrial intermembrane space assembly (MIA) machinery23. Other precursors 
that contain hydrophobic sorting signals are transferred through the intermembrane space 
to either the TIM22 complex that sorts and incorporates them into the IMM24,25, or to the 
sorting and assembly machinery (SAM) complex of the OMM for their insertions into this 
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membrane25–27. Those proteins targeted to the mitochondrial matrix commonly contain 
cleavable presequences and are transported across the IMM by the presequence translocase 
of the inner membrane (TIM23) complex and the presequence translocase-associated motor 
(PAM). Once these preproteins are translocated to the matrix, the mitochondrial processing 
peptidase (MPP) carries out the cleavage of their presequences, which in some cases is 
followed by additional cleavage events by other peptidases, to give rise to mature 
proteins22,28.  

1.1.2. Oxidative phosphorylation and Mitochondrial membrane potential 

Oxidative phosphorylation 

Nutrients taken up by cells, including carbohydrates, fats, and proteins are metabolized in 
several cellular processes to generate molecules that are subsequently used in the 
tricarboxylic acid (TCA) cycle in the matrix of mitochondria. NADH and FADH2, electron 
donors generated by TCA cycle are then utilized to produce ATP in oxidative 
phosphorylation (OXPHOS), a process that involves the coupling of electron transport with 
the synthesis of ATP30,31. This series of redox reactions is catalyzed by several protein 
complexes of the electron transport chain (ETC) embedded in the cristae of the inner 
mitochondrial membrane. 

 

Figure 2. Overview of mitochondrial oxidative phosphorylation. Electrons provided by NADH and 
FADH2 are transferred through complex I-III of the electron transport chain via electron carriers, 
ubiquinone (CoQ) and cyrtochrome c (Cyt c), ultimately reaching complex IV where they are donated 
to oxygen to produce water. The electron flow through the ETC generates energy to pump protons (H+) 
from the mitochondrial matrix to the mitochondrial intermembrane space, creating an electrochemical 
potential gradient across the inner membrane. This proton-motive force is then used by complex V (ATP 
synthase) to catalyse the conversion of ADP to ATP. During OXPHOS, a fraction of electrons can 
prematurely leak out of the ETC and react with O2, generating primarily superoxide anion O2

−•. 
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The ETC is composed of four multi-subunit OXPHOS complexes (I-IV) and the electron 
carriers, ubiquinone (CoQ) and cytochrome c (Cyt c). The flow of electrons through the 
ETC generates energy to pump protons (H+) from the MM to the IMS, resulting in 
electrochemical potential gradient across the inner membrane. The energy stored in this 
proton gradient is ultimately used by the last OXPHOS complex, F0F1ATP synthase, to 
catalyse the phosphorylation of adenosine diphosphate (ADP) to adenosine triphosphate 
(ATP) for cellular use30.  

Mitochondrial membrane potential 

During oxidative phosphorylation, energy from the electron flux along the ETC is used to 
transport protons from the mitochondrial matrix to the intermembrane space, generating a 
proton gradient. This proton gradient creates an electrochemical potential difference across 
the inner mitochondrial membrane, which is known as mitochondrial membrane potential 
(MMP, often denoted as ΔΨ). The MMP is essential in driving ATP synthesis as when 
protons move back to the matrix to dissipate the gradient through the transmembrane 
component F0 of ATP synthase, the catalytic component F1 uses the stored energy from 
proton transfer to convert ADP to ATP30.   

Mitochondrial reactive oxygen species (ROS) 

Reactive oxygen species (ROS) are highly reactive chemicals that can cause irreversible 
damage to biological macromolecules such as nucleic acids, proteins, and lipids32. An 
important source of cellular ROS is mitochondria, with the premature leakage of electrons 
from the ETC generating the majority of mitochondrial ROS as a by-product of 
respiration33. Several studies have estimated that up to 2% of the electrons during oxidative 
phosphorylation can prematurely leak out of the ETC and react with molecular oxygen to 
generate primarily superoxide anion (O2

−•)28,34. O2
−• can then be converted either 

spontaneously or by mitochondrial superoxide dismutases to hydrogen peroxide (H2O2), 
which can be removed by mitochondrial antioxidant systems such as catalase, 
peroxiredoxins (Prx), and associated reductases. If not eliminated by the peroxide 
scavengers, H2O2 may be reduced to hydroxyl radicals	(OH•) in Fenton reactions catalysed 
by transition metals. In addition, O2

−• may directly react with nitric oxide (NO•) to form 
peroxynitrite, one of the reactive nitrogen species (RNS). Although O2

−• and H2O2 are not 
strong oxidants, OH• and peroxynitrite formed from these precursors are extremely reactive 
and can cause significant damage to essential cellular components35, subsequently leading 
to cellular oxidative stress and cell death.  

Recent studies, however, have indicated that ROS are not merely harmful byproducts that 
cause oxidative damage and diseases. Mitochondrial ROS, especially H2O2, which has a 
relatively long half-life and can diffuse across membranes within the cell, also act as 
signalling molecules that regulate several cellular processes such as cell proliferation and 
differentiation, redox balance and immune responses36. ROS levels are therefore highly 
regulated by the balance between ROS production and cellular antioxidant defence systems 
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to enable rapid adaptive responses to changing environmental conditions without causing 
widespread oxidative damage37.  

1.2. Mitochondria as energy and cellular signalling hubs 

Mitochondria as an energy hub 

Mitochondria are well known not only as the primary producer of ATP but also for their 
central roles in coordinating cellular bioenergetics, allowing cells to effectively adapt to 
changes in nutrient and oxygen availability, as well as to fluctuations in energy demand. 

Cells first break down glucose into pyruvate via glycolysis in the cytoplasm, releasing 
energy in the form of ATP. However, this process extracts only a small fraction of the total 
energy stored within a glucose molecule to produce two ATP molecules. Pyruvate is then 
transported to mitochondria where it is oxidized to form acetyl Coenzyme A (CoA) and 
further catabolized through the TCA cycle in the mitochondrial matrix. Electrons harvested 
throughout the cycle are carried by electron carriers NADH and FADH2, which in turn fuel 
the ETC to produce significantly more ATP via oxidative phosphorylation30,38. Under 
anaerobic conditions, however, mitochondrial respiration is repressed, pyruvate is instead 
fermented into lactate in the cytosol. This pathway regenerates NAD+ to sustain glycolysis, 
thus ensuring sufficient ATP production for cellular activities even when oxygen 
availability is limited38. Therefore, by integrating differentially compartmentalized 
processes, pyruvate synthesis in the cytoplasm versus the TCA cycle and oxidative 
phosphorylation within mitochondria, cells can adjust their metabolic pathways to 
efficiently adapt to environmental changes and altered cellular energy states.  

Mitochondria as a source of metabolites 

In addition to ATP production, mitochondria also take part in the biosynthesis of numerous 
metabolites needed for building macromolecules (fatty acids, cholesterol, nucleotides, 
amino acids, and heme) and for other cellular functions. These biosynthetic pathways are 
tightly regulated to maintain cellular homeostasis and are finely coordinated in response to 
stresses or changes in cell state38.  

Mitochondria control calcium homeostasis 

While the outer mitochondrial membrane is permeable to Ca2+ ions1, the transport of this 
essential ion across the IMM to reach the matrix is mediated by the mitochondrial calcium 
uniporter (MCU) channel in ΔΨ-dependent manner39. Ca2+ can be accumulated within 
mitochondria at considerably high concentrations, up to 20-fold higher than those in the 
cytosol40. This allows mitochondria to function as a buffering system for cytosolic Ca2+ 

levels, thereby controlling intracellular Ca2+ homeostasis40. Accumulation of Ca2+ within the 
mitochondria also modulates the activity of calcium-sensitive enzymes of the TCA cycle, 
consequently regulating ATP production41–43.  
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Mitochondria as a key regulator in immunity and inflammation  

Extensive studies over the past decades have revealed the central role of mitochondria in 
immune response through various signalling pathways and metabolic processes44. 

Given the prokaryotic origin of mitochondria, mitochondrial DNA shares high similarities 
with the bacterial genome, including its content of hypomethylated CpG motifs. As a result,  
released mtDNA in the cytosol can be recognized as a damage-associated molecular pattern 
(DAMP) by pattern recognition receptors (PRRs) of the innate immune system, thereby 
potently triggering inflammation45,46. Cytosolic mtDNA can activate three major innate 
immune signalling pathways: (1) activation of NF-kB signalling pathway46 and (2) 
activation of Nod-like receptor pyrin domain-containing protein 3 (NLRP3) inflammasome, 
which consequently induces the production of multiple pro-inflammatory cytokines46,47, and 
(3) activation of STING (stimulator of interferon gene) pathway via cGAS (cyclic GMAP-
AMPs), which ultimately stimulates type I interferon (IFN) production48.   

In addition, mitochondria produce metabolites that are not only used as building blocks and 
signalling molecules for intracellular communication but also for modulating immune cell 
differentiation and activation49. For instance, intermediates generated in the TCA cycle can 
be released into the cytosol during bacterial infection to trigger inflammatory responses50. 
Additionally, mitochondrial ROS act as critical second messengers in both innate and 
adaptive immune responses, and a balanced level of mtROS is critical for maintaining 
proper immune function46,51.  

1.3. The mitochondrial genome and nucleoid organization  

Despite large variations in size and organization of mitochondrial genomes across 
eukaryotes, their key characteristics and basic functions are largely similar. With a few 
exceptions, nearly all mitochondrial genomes exist as a circular molecule of double-
stranded DNA that is distinct from the nuclear counterpart. A single cell can contain 
multiple mitochondria, and since each mitochondrion can have several copies of 
mitochondrial DNA genome, the number of mtDNA molecules generally ranges from 
hundreds to several thousand copies per cell depending on cell type52–54. A unique 
characteristic of mtDNA that arises from its multicopy nature is heteroplasmy, a state in 
which several different types of mtDNA variants, including the wild type mtDNA and its 
mutated forms can co-exist within a cell55. These mtDNA variants can derive from maternal 
inheritance or from somatic mutations that occur and accumulate during an individual’s 
development56. The proportion of  different mtDNA variants, which is referred to as the 
level of heteroplasmy, can vary between different cells and tissues within an individual, as 
well as between individuals57. This level of heteroplasmy is of importance for determining 
the severity of mitochondrial dysfunction and related pathological symptoms in 
mitochondrial diseases58. 

The nucleotide sequence of human mitochondrial DNA was the first portion of human 
genome to be sequenced in 198159. Human mitochondrial genome consists of 16569 base 
pairs and encodes for 37 different genes, of which 13 protein-coding genes encode for 
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subunits of four of the OXPHOS complexes and the other 24 genes encode tRNA and 
rRNAs for their own translational apparatus59–61. Contrary to nuclear DNA, the gene 
organization of mitochondrial DNA in mammals is highly compact, as it lacks introns and 
has minimal intergenic regions between individual genes, except for a single large 
noncoding region present within the genome62. In humans, this major noncoding region 
(NCR), also known as the control region, is approximately 1100 bp long and located 
between tRNAPro and tRNAPhe genes59 (Fig. 3). 

Figure 3. Overview of the human mitochondrial genome. The outer and inner circles represent the 
heavy- (H) and light- (L) strands, respectively. The noncoding region (NCR) contains both the H- and 
L- strand promoters (HSP, LSP), as well as the H-strand origin of replication (OH). 

The two strands of mitochondrial DNA differ in their G+T base composition, with the heavy 
(H) strand being rich in guanine and the light (L) strand with low guanine content, resulting 
in different buoyancies in denaturing caesium chloride gradients63. The guanine enrichment 
in the H-strand increases its propensity to form non-canonical DNA secondary structures 
known as G-quadruplexes (G4s). A collection of evidence has shown that multiple sequence 
motifs with G4-forming potential on the H-strand are associated with mtDNA deletion 
breakpoints, suggesting that G4 formation might interfere with mtDNA replication 
machinery64–67.  

mtDNA is organized into discrete nucleoprotein complexes that are known as mitochondrial 
nucleoids. When visualized with confocal fluorescence microscopy, human mitochondrial 
nucleoids appear as discrete punctate of approximately 100 nm in diameter distributed 
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throughout the mitochondrial network68. The distribution of mitochondrial nucleoids in the 
mitochondrial matrix, however, is not random but found in proximity to the IMM. 

Each mitochondrial nucleoid typically consists of one or two mtDNA molecules and 
numerous nucleoid-associated proteins54,68,69. Although the exact compositions of 
mitochondrial nucleoids remain to be further investigated, a multilayer model was 
suggested to describe the organization of mitochondrial nucleoids70. According to the 
model, mtDNA and key mtDNA-associated proteins involved in replication and 
transcription are located in the inner core of the nucleoids, whereas factors that are 
temporarily recruited to or transiently associated with the nucleoid to exert their specific 
functions reside in the peripheral area of the nucleoid. One of the components in the central 
core essential for mtDNA transcription is mitochondrial transcription factor A (TFAM). 
This abundant mitochondrial protein is also a crucial factor for nucleoid packaging as it 
binds to mtDNA and coordinates the compaction of DNA molecules to form spheroid-like 
structures71. Similar to histone compaction of nuclear DNA which negatively regulates 
DNA replication and transcription, in fully compacted mitochondrial nucleoids, DNA-
bound TFAM can block the progression of mitochondrial replication and transcription, and 
variations in the ratios of TFAM to DNA can differently impact mtDNA compaction and 
ultimately mtDNA transactions72. 

2. Replication and Maintenance of mtDNA 
Replication of mtDNA is generally regulated by the cell’s energy status rather than by the 
cell cycle. The mitochondrial genome is replicated by a unique replisome of nuclear-
encoded proteins including mtDNA polymerase gamma (Polγ), mtDNA helicase Twinkle, 
mitochondrial single-stranded DNA binding protein (mtSSB), and mitochondrial RNA 
polymerase (POLRMT). These proteins of mtDNA replication machinery are distinct from 
those of nuclear DNA replisome but many of them are reminiscent of replication factors 
found in certain bacteriophages73. 

2.1. Mode of mtDNA replication  

Extensive research has been conducted to investigate mechanisms of mitochondrial DNA 
replication in mammalian cells, from which several models have been proposed. Among 
them, the most widely accepted one is the strand-displacement model (SDM) that was first 
proposed in 1972, describing an asymmetric mechanism for mtDNA replication74. The 
SDM model has been strongly supported by later studies that used various experimental 
methods such as electron microscopy, pulse and pulse-chase labelling studies, and 5´-end 
characterization75–78. 

In the SDM model (Fig. 4), both mtDNA strands are synthesized continuously but in an 
asymmetric manner and no Okazaki fragments are formed during the process79. The 
replication of mitochondrial DNA is first initiated at replication origin of the H-strand 
(oriH) located on the L-strand using RNA primers generated by POLRMT. During this 
initial phase, Twinkle helicase is required to unwind the double helix to provide single-  
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Figure 4. Model of mitochondrial DNA replication. (1) Mitochondria DNA contains two origins of 
replication, the origin of H-strand synthesis (OH), located within the control region, and the origin of L-
strand synthesis (OL), a stem-loop forming sequence located on the H-strand. (2) mtDNA replication 
initiates at OH, where POLRMT generates an RNA primer that is used by Polγ to begin nascent H-strand 
synthesis, resulting in the displacement of the parental H-strand. (3) As replication progresses and the 
displaced H-strand exposes OL, the OL stem-loop structure forms and allows POLRMT to synthesize an 
RNA primer that initiates the synthesis of the nascent L-strand. (4) Synthesis of the H- and L-strand 
proceeds in opposite directions around the genome until both strands are fully replicated (5). Upon 
completion of mtDNA synthesis, replication terminates near the respective origins, OH or OL, producing 
two daughter DNA molecules. 

stranded template for Polγ to use for DNA synthesis. The replication machinery proceeds 
in one direction to synthesize new H-strand, consequently resulting in the displacement of 
the single-stranded, parental H-strand which is now covered by mtSSB. The binding of 
mtSSB to the displaced H-strand not only stabilizes the exposed single-strand DNA at the 
replication fork but also prevents random priming by POLRMT on this strand77,80. When 
the replication machinery has completed about two-thirds of the circular mtDNA, it reaches 
the second origin of replication, oriL, on the parental H-strand. At this stage, the oriL region 
becomes single stranded and adopts a stem-loop structure that prevents mtSSB binding, 
which makes it accessible for POLRMT to synthesize a primer to initiate replication of the 
L-strand77,81. From this point, the synthesis of two strands continues in opposite directions 
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until they complete the full circle. Once both strands are fully replicated, the replication 
terminates near the respective origins, OH or OL, giving rise to two daughter DNA 
molecules.  

2.2. The mtDNA replisome  

 

Figure 5. Core components of the mtDNA replication machinery. The hexameric Twinkle helicase 
translocases in a 5´ to 3´ direction along the DNA template to unwind the double-stranded DNA and 
generates a fork-like structure. The mitochondrial single-stranded DNA binding protein (mtSSB), which 
functions as a homotetramer, binds and stabilizes the displaced single-stranded DNA. The heterotrimeric 
Polγ(AB2) synthesizes the nascent DNA strand in the 5´-3´ direction.  

DNA Polymerase Gamma 

DNA polymerase gamma (Polγ) is the only known replicative polymerase found in 
mammalian mitochondria and is essential for replication and repair of mtDNA. The structural 
composition of Polγ varies among eukaryotes, with some having a single catalytic subunit 
such as MIP1 in yeast (Saccharomyces cerevisiae) while others possessing both catalytic and 
accessory subunits in different oligomerization forms, such as a heterodimer in Drosophila 
or a heterotrimer in mammals82.  

In human cells, Polγ is a holoenzyme consisting of one PolγA catalytic subunit and two Polγ 
B accessory subunits82–84.The catalytic subunit PolγA of 140 kDa is encoded by the POLG 
gene in the nuclear genome and belongs to the family A of DNA polymerases that also 
includes polymerase I of Escherichia coli and T7 DNA polymerase of bacteriophage83. PolγA 
possesses both 5´-3´ DNA polymerase and 3´-5´exonuclease activities. The exonuclease 
proofreading activity of PolγA is remarkably efficient with a frequency of nucleotide 
misincorporation less than 1 x 10-6 per base, making Polγ among the most accurate DNA 
polymerases in cells85. Several recent studies have demonstrated that, upon recognizing 
mismatches, Polγ can transfer the 3´-end of the nascent strand from the polymerase site to the 
exonuclease site and shift back after mismatch removal through a series of delicate protein 
conformational changes86,87. This intramolecular transfer enables Polγ to rapidly switch 
between polymerase and exonuclease modes without dissociating from the DNA 
template86,87, likely making this process faster than intermolecular transfer in which the 
polymerase dissociates and rebinds to the DNA template88. In addition, PolγA also has 5´-
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deoxyribose phosphate (dRP) lyase activity that could potentially be involved in base excision 
repair of mtDNA89,90. 

The accessory subunit PolγB in mammalian cells is encoded by POLG2 gene and has a 
molecular mass of 55 kDa. PolγB enhances DNA binding and nucleotide binding affinity of 
PolγA, thereby stimulating both catalytic activity and processivity of PolγA91. In solution, 
PolγB exists as a dimer that binds to monomeric PolγA to form a functional heterotrimer82. 
Each monomer of PolγB in the holoenzyme has a distinct role in stimulation of Polγ 
processivity: the subunit proximal to PolγA stabilizes interactions with the DNA template 
whereas the distal monomer works in concert with PolγA to accelerate the polymerization 
rate92. 

Mitochondrial DNA helicase Twinkle 

Twinkle, a nuclear-encoded helicase, has a molecular weight of 72 kDa and is located in 
the core region of mitochondrial nucleoids70. Twinkle helicase is a member of the 
superfamily 4 (SF4) helicases and highly homologous to the bacteriophage T7 gene protein 
4 (gp4)93.  

To assist Polγ that is able to use only single-stranded DNA (ssDNA) as template for DNA 
synthesis, Twinkle helicase is required for unwinding the double-stranded DNA helix. 
During replication, Twinkle forms a ring-shaped, hexameric structure that travels along the 
DNA template and catalyses unwinding of double-stranded DNA in the 5´-3´ direction94,95. 
Each monomer of Twinkle hexamer consists of a N-terminal domain that shares sequence 
similarity with the primase domain of T7 gp4, a C-terminal domain that contains the 
helicase motifs, and a flexible linker helix connecting the two functional domains93,96. 
However, unlike the bifunctional T7 gp4 primase-helicase, Twinkle has lost its primase 
activity due to mutations in key primase motifs in the N-terminal domain during 
evolution97,98.  

Similar to Polγ, Twinkle helicase is also essential for mitochondrial DNA maintenance as 
conditional knockout of Twinkle led to severely impaired progression of mtDNA 
replication and subsequent mtDNA depletion in mice99. Several mutations in the PEO1 
gene, which encodes Twinkle, have also been reported in patients with deficient respiratory 
chain and neuromuscular symptoms caused by mtDNA deletions or depletions99,100.  

Mitochondrial Single-Stranded DNA Binding Protein  

Mitochondrial single-stranded DNA binding protein (mtSSB) is another core component of 
mitochondrial replication machinery and shares high similarities in primary sequence as 
well as homotetrameric structure with E.coli SSB101. Four identical mtSSB monomers of 
16kDa form a tetramer to bind and coat ssDNA101,102. While mtSSB alone can considerably 
stimulate Twinkle helicase activity on short stretches of DNA95, its action in concert with 
Polγ at the replication fork can further assist Twinkle in unwinding longer dsDNA stretches, 
thus significantly improving mtDNA synthesis94. In addition to stimulating Twinkle 
activity, mtSSB is also involved in directing RNA primer formation during mtDNA 
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replication, a role that was well characterized for the E.coli SSB protein. By preventing 
nonspecific priming at multiple sites across the genome, mtSSB ensures specific primer 
synthesis at the proper origins of replication103.  

2.3.  Other proteins involved in mtDNA replication 

Mitochondrial RNA polymerase (POLRMT) 

In addition to its role in mitochondrial transcription, POLRMT synthesizes RNA primers 
for the initiation of mtDNA replication at both oriH and oriL. Since the L-strand promoter 
is located upstream of oriH site, transcription by POLRMT from LSP not only generates 
full-length transcript for L-strand gene expression, but also creates shorter primers to initiate 
replication at oriH80,104. In contrast, the primer formation at oriL initiates when POLRMT 
uses a short ssDNA stretch of a DNA stem-loop structure at oriL as a template81. This loop 
is formed only when oriL is exposed as single-stranded DNA during replication.  

Mitochondrial Topoisomerases 

At least two members of type IA and type IB family of topoisomerases, TOP3A and 
TOP1mt, respectively, have been shown to be localized and active in human mitochondria. 
Mitochondrial TOP3A is produced by utilizing an alternative transcription initiation site in 
TOPIIIα gene, resulting in an isoform with additional mitochondrial targeting signal105. 
TOP3A is required to resolve hemicatenane structures formed near the ori-H during 
termination of mtDNA replication, thus ensuring proper mtDNA segregation106. Depletion 
of TOP3A in cells leads to the accumulation of catenated mtDNA structures, and various 
mutations in TOPIIIα gene have been reported in many mitochondrial disorders107. The 
second topoisomerase in mitochondria, TOP1mt, is also highly homologous to the nuclear 
topoisomerase I isoform, apart from its N-terminus that contains a mitochondrial targeting 
signal instead of nuclear localization sequence108. TOP1mt removes the positive supercoils 
that arise during replication and transcription, and knockout of TOP1mt in mice leads to 
increased levels of mtDNA supercoiling and consequently dysfunctional mitochondrial 
respiration109,110. Both TOP3A and TOP1mt are therefore important for proper replication 
and expression of mtDNA.  

Mitochondrial nucleases  

After mtDNA replication has been completed, the RNA primers synthesized by POLRMT 
to initiate DNA synthesis must be removed. The removal of RNA primers involves several 
factors that differ between oriH and oriL. RNase H1 processes the primers at oriL, leaving 
1-3 ribonucleotides at the 5´end of the nascent DNA strand111. These remaining 
ribonucleotides are then removed by the second nuclease to enable the ligation by 
mitochondrial DNA ligase 3 (LIG3). The identity of this second nuclease, however, is still 
under debate. Results from in vitro experiments have suggested mitochondrial exonuclease 
G for this role, but aside from its clear mitochondrial localization, in vivo evidence 
supporting this function is still lacking111,112. Another enzyme that was suggested in this 
process is the mitochondrial variant of the flap-structure specific endonuclease 1 (FEN1). 
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FEN1 has dual mitochondrial and nuclear localization and the mitochondrial isoform of this 
protein, called FENMIT, is generated by using alternative translation initiation site113. 
Although FENMIT has a binding preference for short RNA or DNA flaps113, different 
biochemical assays to examine its 5´-endonuclease activity have shown conflicting results, 
leaving the proposal for FENMIT’s role in mitochondria to be further investigated114.  

Primer processing at OriH requires even more complex cooperations of different nucleases, 
which remains poorly understood. Nevertheless, a collection of strong evidence has 
demonstrated the actions of two main nucleases, RNase H1 and the mitochondrial genome 
maintenance exonuclease (MGME1) in RNA primer removal at oriH. RNase H1 cleaves a 
major part of the RNA primer, and the remaining ribonucleotides are most likely removed 
by MGME1117, a member of the RecB family that preferentially binds to ssDNA and 
exhibits both 5´ and 3´ exonuclease activity115–117.   

Mitochondrial ligase 3 

After RNA primers are removed, the two ends of nascent mtDNA strands are ligated by 
mitochondrial DNA ligase 3 (mtLIG3). mtLIG3 is encoded by human DNA ligase III gene 
that also gives rise to the nuclear isoform by using different in-frame starting codon118. The 
longer mitochondrial LIG3 variant is exclusively localized to mitochondrial matrix where 
its ligase activity plays an essential role in mtDNA replication and repair118,119. 

2.4.  Maintenance of mtDNA integrity: repair and degradation 

Like nuclear DNA, the mitochondrial genome is continuously exposed to both external and 
internal DNA-damaging sources. However, mtDNA is more vulnerable and estimated to 
have higher mutation rates than the nuclear genome120, mainly due to close proximity of 
mtDNA to the ROS-generating ETC, which can give rise to various oxidative DNA adducts 
and lesions121. As mitochondrial DNA encodes for essential components of mitochondrial 
respiratory complexes, defects of which result in impaired oxidative phosphorylation and 
cellular ATP production, it is not surprising that mtDNA damage can lead to mitochondrial 
dysfunction and mitochondrial diseases122. Integrity of mitochondrial genome is therefore 
critical for mitochondrial functions and cellular health.  

For a long time, mitochondria were thought to lack DNA repair pathways, since early 
research initially did not observe the repair of pyrimidine dimers produced by ultraviolet 
(UV) irradiation123 and some types of alkylation damage124 in mitochondria. This view has 
changed overtime as there is increasing evidence for the existence of several DNA repair 
enzymes and DNA repair activity in mitochondria, and it is now known that certain types 
of mitochondrial DNA damage can be repaired.  

The most well-characterized DNA repair pathway in mitochondria is base excision repair 
(BER), which is responsible for repairing small non-bulky base damage. BER is of 
particular importance in preserving mtDNA integrity as most common oxidative DNA 
lesions caused by mtROS are efficiently repaired by this pathway125. The first step in the 
BER pathway is recognition of a modified base by DNA glycosylase, which then cleaves 
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the N-glycosylic bond and leaves an apurinic (AP) site. The AP site generated upon the 
removal of the damaged base is subsequently incised by an AP endonuclease, creating a 
single strand break with 5´-abasic deoxyribose phosphate (dRP) and a free 3´-OH. APE1 is 
the main AP endonuclease in human mitochondria126. The resulting dRP group, which is 
not ligatable and has to removed prior to the insertion of a new correct base, is excised by 
dRP lyase activity of mitochondrial Polg, leaving a gap with 5´-phosphate and 3´-OH. The 
gap is ultimately filled with a new nucleotide by polymerase activity of Polg and ligation 
activity of mitochondrial DNA ligase III121.  

While BER has been well understood and widely accepted as the dominant DNA repair 
pathway in mammalian mitochondria, much less is known about the existence of other DNA 
repair pathways for different types of mitochondrial DNA damage.  

Mismatch repair (MMR) pathway corrects misincorporation of bases or short 
insertions/deletions (indels) that are introduced by DNA polymerases during replication. 
While MMR has been reported in yeast mitochondria127,128, there is limited evidence that 
mammalian mitochondria also possess similar MMR mechanisms. A mismatch binding 
protein, YB-1, has been shown to localize to human mitochondria and largely account for 
the MMR activity observed in the mitochondrial extract of Hela cells129. Additionally, cells 
depleted of YB-1 exhibited increased mutagenesis, suggesting that YB-1 may play a role in 
mitochondrial MMR.   

Double-strand breaks (DSBs) are one of the most deleterious lesions to a cell, with high 
probability of causing genomic instability, large-scale alterations, and cell death. DBSs 
generated in nuclear DNA can be repaired via non-homologous end joining (NHEJ) or 
homologous recombination (HR). The ability to repair DSBs via HR has been characterized 
in yeast mitochondria130,131 and more recently in plant mitochondria132,133. However, there 
is still little evidence of DSBs repair in mammalian mitochondria.  

Double-strand breaks in the circular mitochondrial DNA generate linear DNA fragments, 
but whether these fragments are repaired at all and, if so, by which mechanism, remains 
unknown. Given the multicopy nature of the mitochondrial genome, it has been proposed 
that when severely damaged DNA, such as that containing DSBs, cannot be repaired, 
mitochondria may simply eliminate the damaged molecule without detrimental effects, with 
replication of the remaining intact genomes compensating for the loss. Consistent with this 
idea, rapid loss of damaged mtDNA molecules and substantial reduction in overall mtDNA 
content have been observed following the accumulation of DSBs caused either by oxidative 
stress134,135  or by the persistent expression of mitochondrially targeting exonucleases136,137. 
Additionally, recent evidence has indicated that rapid degradation of linearized mtDNA was 
performed by a concerted action of 5´-3´ exonuclease MGME1 and 3´-5´ exonuclease 
activity of Polg138,139. 
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3. Mitochondrial dysfunction and diseases 
Since mitochondrial proteins are encoded by genes on both nuclear and mitochondrial 
DNA, mutations in either genome can impair oxidative phosphorylation and mitochondrial 
biogenesis, leading to mitochondrial dysfunction. Given the essential roles of mitochondria 
in regulating multiple cellular processes, it is not surprising that mitochondrial dysfunction 
is associated with a broad spectrum of human diseases, particularly affecting tissues and 
organs with high energy demands, such as the heart, skeletal muscles, and brain122. 

3.1.  The genetics of mitochondrial disorders  

3.1.1. Mutations in nuclear DNA  

Most of mitochondrial proteins are encoded by nuclear genes and mutations in these genes 
can therefore disrupt all aspects of mitochondrial homeostasis. In particular, impaired 
maintenance and expression of mtDNA may arise from pathogenic variants in nuclear genes 
required for mtDNA replication, nucleotide transport, and dNTP synthesis and salvage 
pathways122. For instance, pathogenic mutations in POLG and POLG2 genes, which encode 
the catalytic and accessory subunits of the mitochondrial replicative polymerase 
Polg, respectively, are well-established causes of mtDNA instability. These mutations can 
lead to large-scale mtDNA deletions, as observed in patients with chronic progressive 
external ophthalmoplegia (PEO) and Kearns-Sayre syndrome (KSS)140,141. In many cases, 
multiple mtDNA deletions of variable sizes are accumulated particularly in skeletal muscle, 
a hallmark that correlates with more severe clinical symptoms in patients with autosomal 
PEO (adPEO)100,142. Defects in the POLG gene can also cause mtDNA depletion, which has 
been described to associate with severe, early-onset clinical phenotypes143. Additionally, 
mutations in nuclear genes involved in multiple mitochondrial processes, including 
respiration, mitochondrial protein synthesis, and mitochondrial fusion and fission, have also 
been implicated in a variety of mitochondrial disorders. An example is the OPA1 gene 
encoding a dynamin-related GTPase, mutations of which disrupt its function in maintaining 
the IMM architecture, eventually resulting in multiple DNA deletions associated with 
clinical features including progressive vision failure, hearing loss, and ataxia144.  

3.1.2. Mutations in mitochondrial DNA  

Altered integrity of mitochondrial genome due to point mutations or rearrangements in 
mtDNA can directly impact the OXPHOS system, leading to a cellular energy deficit.   

As previously stated, due to multicopy nature of mitochondrial DNA, both wild-type and 
mutated mtDNA molecules can coexist within a cell, a state known as heteroplasmy. During 
cell division, mitochondria carrying mutated mtDNA are randomly distributed to daughter 
cells. As a result, the proportions of mutant to wild-type mtDNA can shift over time, 
eventually leading to diverse levels of heteroplasmy both between cells within a tissue and 
across different tissues145. The presence of a mixed population of mtDNA variants allows 
cells to tolerate a certain proportion of mutant genomes. However, once the mutation load 
exceeds a threshold at which the wildtype mtDNA molecules can no longer compensate, 
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mitochondrial functions such as ATP production become compromised, leading to cellular 
dysfunction. This threshold depends on the specific mutations, cell types, and tissue, and 
usually ranges between 60-90%, with lower thresholds observed in tissue with high energy 
needs122,145. 

mtDNA point mutations 

Mitochondrial DNA point mutations can arise from errors during mtDNA replication or 
from ROS-induced DNA damage, which may not be efficiently corrected by the mtDNA 
repair system145.  mtDNA point mutations are usually maternally inherited and represent 
one of the most common causes of mtDNA diseases. Since the mitochondrial genome 
encodes 13 structural peptide subunits of the OXPHOS system, as well as rRNAs and 
tRNAs, pathogenic mutations in these genes can directly impair specific OXPHOS 
complexes or disrupt overall mitochondrial protein synthesis, respectively146. Ultimately, 
ATP production is reduced because of impaired oxidative phosphorylation, leading to 
dysfunctions in tissues with high energy demands. More than 300 pathogenic point 
mutations have been reported in mitochondrial diseases, and most of them occur in a 
heteroplasmic state145. The first mitochondrial disease identified to be associated with 
mtDNA point mutations was Leber’s hereditary optic neuropathy (LHON)147. LHON-
associated point mutations are found across the mitochondrial genome, but most occur in 
MT-ND1, MT-ND4, and MT-ND6 genes, which all encode for subunits of Complex I145. 
LHON predominantly affects males and is characterized by acute or subacute, bilateral 
vision loss148. Another common disease-causing mtDNA point mutation is found in the 
tRNALeu(UUR) gene, leading to tRNA dysfunction and eventually defective mitochondrial 
translation. The mutation m.3243A>D in this gene is associated with two different clinical 
presentations:  a low mutation load causes maternally inherited diabetes and deafness 
(MIDD) characterized by isolated diabetes, hearing loss, and migraines149, whereas a high 
heteroplasmy level results in a more severe disease, mitochondrial encephalopathy lactic 
acidosis stroke-like episodes (MELAS)150. 

Large-scale mtDNA deletions 

Unlike point mutations, large-scale mtDNA deletions are usually sporadic and often arise 
during embryonic development or normal aging151–154. These deletions differ in size, 
ranging from 1.8-8 kb and are thought to result from replication slippage or erroneous repair 
of damaged mtDNA, although the precise molecular mechanisms underlying their 
formation remain unclear145. Nevertheless, certain regions of mitochondrial genome are 
more prone to deletion events, many of which are flanked by tandem repeat sequences155,156. 
Additionally, several studies have provided evidence of an association between mtDNA 
deletion breakpoints and potential G4-forming sequences64,66,67. Large-scale mtDNA 
deletions have been implicated in aging, various types of cancer and mitochondrial 
disorders including three main deletion-associated clinical phenotypes: chronic progressive 
external ophthalmoplegia (PEO), Kearns-Sayre syndrome (KSS), and Pearson’s 
syndrome157.  
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A large proportion of pathogenic mtDNA deletions occurs within the major arc that spans 
the region between oriH and oriL. The most frequently reported deletion is the loss of 4977 
bp within this region (Δ4977), often referred to as the “common deletion”. This deletion, 
whose breakpoints are flanked by 13-bp direct repeats, results in the loss of 7 OXPHOS 
genes, thereby severely hampering mitochondrial respiration and cellular energy 
production155. The common deletion has been identified as the causative mutation for all 
three syndromes: chronic PEO, Kearns-Sayre syndrome (KSS), and Pearson’s syndrome157. 

3.2.  Cellular responses to mitochondrial dysfunction 

Dysfunctional mitochondria can trigger various cellular responses, including the activation 
of the mitochondrial unfolded protein response (UPRmt) to increase mitochondrial 
biogenesis, activation of retrograde signalling pathways (e.g. upregulating AMPK pathway) 
to restore cellular energy homeostasis, and initiation of mitophagy to remove damaged 
mitochondria. These processes aim to help the cell adapt to mitochondrial stress and 
maintain the cellular energy balance; however, if the dysfunction is severe or prolonged, it 
can cause widespread inflammation and apoptosis, eventually leading to tissue damage and 
disease progression. The following section will mainly discuss the activation of AMPK 
pathway in the context of mitochondrial health and energy stress.  

3.2.1. AMPK activation and metabolic reprogramming 

AMP-activated protein kinase (AMPK) is a heterotrimeric complex consisting of one 
catalytic a-subunit and two regulatory subunits, b and g. In human, each subunit has 
multiple isoforms that are encoded by different genes, potentially giving rise to 12 distinct 
combinations of AMPK complexes158. The difference in subunit compositions of AMPK 
complex has been proposed to influence both its activity and subcellular localization, 
allowing the protein kinase to respond to various types of stimuli. AMPK has been reported 
in different subcellular compartments, including nucleus, lysosomes, mitochondria, and 
endoplasmic reticulum, where it is suggested to target different substrates to generate 
specific responses159. 

AMPK is a key energy sensor and metabolic regulator in the maintenance of cellular energy 
homeostasis. AMPK senses changes in ratios of ATP-to-AMP/ADP caused by imbalance 
of ATP consumption and ATP production. Upon energy stress signalled by a decrease in 
ATP levels, AMPK becomes activated and phosphorylates a variety of downstream targets 
involved in multiple metabolic pathways to restore the cellular energy balance. This 
restoration is achieved by the promotion of catabolic pathways (including glucose and lipid 
breakdown, autophagy and mitophagy, and mitochondrial biogenesis) to stimulate ATP 
production, and the inhibition of anabolic processes (such as protein and lipid synthesis) to 
minimize ATP consumption159. 
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3.2.2. AMPK signalling in mitochondrial functions  

Extensive research over the past decades has revealed regulatory roles of AMPK in various 
aspects of mitochondrial homeostasis, including mitochondrial biogenesis, mitochondrial 
dynamics, and mitophagy.  

AMPK has been established as a central regulator of mitochondrial biogenesis, which 
occurs through the growth of the existing mitochondrial network to enhance ATP 
production in response to increased energy expenditure. Several studies have described that 
AMPK activation induces the expression of the peroxisome proliferator-activated receptor-
g-co-activator 1a (PGC1-a), a master regulator required for transcriptional regulation of 
several genes involved in mitochondrial metabolism160,161, thereby promoting mitochondrial 
biogenesis. 

Mitochondrial dynamics involves two opposing processes, fission and fusion, the balance 
of which is critical to maintain mitochondrial health and function. Elongated mitochondria 
resulted from mitochondrial hyperfusion have been proposed to sustain ATP production 
during starvation, whereas in response to mitochondrial stress, mitochondrial fission leads 
to segregation of damaged mitochondria, facilitating the removal of dysfunctional parts 
from the mitochondrial network by mitophagy159. A collection of evidence has suggested a 
role for AMPK in regulating mitochondrial dynamics. Activated AMPK was shown in vivo 
to directly phosphorylate mitochondrial fission factor (MFF) in the OMM, a core 
component of the mitochondrial fission pathway, thereby potentially contributing to the 
modulation of the mitochondrial network during energy stress162,163.  

Additionally, AMPK has been shown to be directly involved in mitophagy, a process that 
selectively removes dysfunctional mitochondria, by activating key proteins involved in the 
autophagy pathway. AMPK activation was shown to induce the phosphorylation of Unc-51 
like autophagy activating kinase 1 (ULK1), a kinase essential for autophagy induction, 
which subsequently promotes the formation of the autophagosome to clear the damaged 
mitochondrion during various stresses164,165. In addition to AMPK-ULK1 axis, mitophagy 
can also be mediated via the phosphatase and tension homolog-induced putative kinase 1 
(PINK1) – the E3 ubiquitin ligase (Parkin) pathway, which is activated upon mitochondrial 
depolarization. It was shown that dissipation of the mitochondrial membrane potential (ΔΨ) 
by a proton ionophore carbonylcyanide m-chlorophenylhydrazone (CCCP) inhibits 
mitochondrial ATP synthesis, thereby strongly activating AMPK. The loss of ΔΨ also 
results in accumulation of PINK in the OMM162. The activated AMPK then phosphorylates 
Ser495 in PINK1163, subsequently triggering the recruitment of Parkin to the OMM to mark 
the depolarized mitochondria for degradation by the mitophagy machinery168.   

In summary, by coordinating mitochondrial biogenesis, dynamics, and mitophagy, AMPK 
plays a central role in maintaining mitochondrial health under physiological conditions as 
well as in response to mitochondrial dysfunctions, helping cells adapt to energetic stress, 
indicating the potentials of AMPK modulation for therapeutic implications in many diseases 
including mitochondrial disorders.  



 

20 
 

4. PolDIP2: a multifunctional protein involved in mitochondrial 
maintenance and many cellular processes 

As described above, mitochondrial DNA is replicated by a unique machinery that includes 
the main replicative DNA polymerase, Polg. However, under stress conditions, such as in 
the presence of DNA damage, Polg is unable to bypass DNA damage sites, causing 
replication stalling which, if not repaired, can lead to mtDNA depletion and deletions. 
Several specialized enzymes have been found to be recruited to stalled replication sites to 
ensure the continuation of DNA synthesis by Polγ. One of them is PrimPol, a DNA primase-
polymerase, and its putative processivity factor, Polymerase-delta interacting protein 2 or 
PolDIP2, which have been suggested to work together to efficiently restart DNA synthesis 
downstream of DNA lesions or stalled replication169–171. 

PolDIP2, also known as PDIP38 and Mitogenin-1, was initially identified through yeast 
two-hybrid screening as an interacting partner of p50 subunit of DNA polymerase delta 
(Polδ) and Proliferating Cell Nuclear Antigen (PCNA)172. Subsequent studies suggested 
additional functional interactions of PolDIP2 with several DNA translesion synthesis (TLS) 
polymerases including Y-family Pol η173, X-family	 Pol λ174, and primase-polymerase 
PrimPol171, suggesting PolDIP2 involvement in DNA damage tolerance pathway. However, 
a growing body of evidence over the past decade has suggested that PolDIP2 may also play 
roles beyond DNA maintenance, as it associates with diverse binding partners involved in 
various cellular processes such as cell-cycle regulation175, cell migration and cellular 
adhesion176,177, oxidative signalling176, and mitochondrial metabolism178. 

While the mechanisms by which PolDIP2 regulates these processes are not well understood, 
the wide range of PolDIP2 binding partners and its potential functions in a variety of cellular  
pathways appear to be attributed to the protein abundance, its multiple subcellular 
localizations, and its distinct structure, which allows highly dynamic conformational 
changes179,180. However, it remains unclear whether PolDIP2 directly participates in all of 
these proposed processes, as some reported effects may reflect indirect cellular responses 
or in vitro artefacts that do not necessarily translate to the in vivo context. Further 
mechanistic studies will be needed to delineate the physiological roles of PolDIP2.  

4.1.  Structure and expression of PolDIP2 

4.1.1. Overall structure and domain organization  

Phylogenetic analysis suggested that PolDIP2 first emerged within Holozoa as there were 
no   PolDIP2 orthologues found in prokaryotes, plants and fungi179,180. Within Holozoan 
clades, PolDIP2 is present and highly conserved across the Metazoa180.  

The human PolDIP2 gene is located at 17q11.2 and encodes for the full-length protein of 
368 amino acids. Human PolDIP2 (hPolDIP2) consists of an N-terminal mitochondrial 
targeting sequence (MTS) and two main functional domains: a YccV-like domain at the N-
terminus and a C-terminal ApaG/DUF525-like domain172,175. The two domains are 
connected by a short α/β linker region181. Interestingly, although YccV and ApaG domains 
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are individually present in various prokaryotic proteins, PolDIP2 is found only within the 
Holozoa, suggesting that PolDIP2 likely resulted from the fusion of these two domains 
during eukaryotic evolution, which probably occurred in the very beginning of the 
Holozoan establishment179,180. 

 

Figure 6. Overview of human PolDIP2 structure. (A) Schematic representation of the domain 
architecture of human PolDIP2. (B) Predicted full-length PolDIP2 structure generated by Alphafold3 
(Database ID: AF-Q9Y2S7-F1-v6). Domain colouring: mitochondrial targeting sequence in yellow, 
YccV-like domain in green, linker (extended YccV) in gray, and ApaG-like domain in blue. (C) 
Predicted Aligned Error (PAE) plot corresponding to the structure shown in panel B.   

The YccV-like domain of PolDIP2 shares structural similarity with domains found in 
bacterial heat-shock protein Q (HspQ) and the ClpF adaptor protein of plant Clp protease 
system, both of which participate in the regulation of proteolysis in bacteria and 
chloroplasts, respectively182–184. In E.coli, the YccV domain of HspQ not only functions in 
protein quality control during heat shock stress, but also binds hemimethylated DNA to 
regulate gene expression185. Although the YccV-like domain of human PolDIP2 shares 34% 
sequence homology with E.coli YccV, early studies reported no detectable DNA binding 
activity under standard conditions used for electrophoretic mobility shift assay (EMSA)174. 
However, later studies have demonstrated a relatively low DNA binding affinity of PolDIP2 
when present in excess relative to  primer/template DNA186. In addition, PolDIP2 YccV-
like domain harbours three putative PCNA-interacting protein (PIP) motifs that are 
suggested to contribute to its functional association with PCNA172,179.  

The ApaG/DUF525-like domain is also present in several bacterial ApaG proteins and in 
some eukaryotic F-box family proteins, where it is suggested to play a role in protein-
protein interactions, substrate recognition within ubiquitin-dependent protein degradation 
pathways, and cation efflux187,188. In human, PolDIP2 and F-Box only 3 (FBxo3) are the 
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only known proteins that contain an ApaG-like domain. Although the ApaG-like domain in 
human PolDIP2 shows low primary sequence similarity to bacterial ApaG proteins (i.e. 
Xanthomonas axonopodis ApaG) and F-Box proteins (i.e. human FBxo3), their tertiary 
structures are highly conserved, suggesting potential functional similarities172,181. A 
conserved glycine-rich motif (GxGxxG, a.a. 298-303 in human PolDIP2) is present within 
this ApaG domain172. While this motif commonly mediates pyrophosphate or nucleotide 
binding in many ATP-, NAD-, and FAD- binding proteins172,189, such activity has not been 
detected in ApaG homologues from X.axonopodis or human FBxo3190,191. Furthermore, 
PolDIP2 also contains a unique positively-charged arginine cluster that partly overlaps with 
the glycine-rich motif and has been shown to stimulate PrimPol-dependent DNA synthesis 
in vitro186. This Arg cluster appears to form a binding channel that facilitates optimal dNTP 
positioning during PolDIP2-PrimPol association, thereby enhancing PrimPol polymerase 
activity186. 

4.1.2. Tissue expression and subcellular localization 

Tissue expression  

PolDIP2 is ubiquitously expressed across a wide range of human tissues and cell types. 
However, its expression levels vary considerably between tissues, with highest PolDIP2 
expression  in metabolically active organs such as the liver, kidney, and muscle tissues, 
whereas markedly lower expression levels are detected in myeloid cells176,180,192. In addition, 
altered PolDIP2 expression has been reported in several cancer types, including human 
breast cancer cells and lung adenocarcinoma cells 193,194. 

Subcellular localization 

PolDIP2 contains a canonical N-terminal mitochondrial targeting sequence (MTS), which   
targets the protein to mitochondria where the MTS is cleaved, giving rise to a mature 
functional mitochondrial isoform (mito-PolDIP2). Consistent with this, early studies 
confirmed mitochondrial localization of human PolDIP2195, and a subsequent study led by 
Cheng et al reported that PolDIP2 was exclusively localized within the mitochondrial 
matrix of HeLa cells and associated with mitochondria nucleoid components178. More 
recent studies, however, have described additional subcellular localizations patterns, raising 
questions whether PolDIP2 is strictly mitochondrial or possesses a broader context-
dependent distribution. In these studies, PolDIP2 has been implicated in several cellular 
processes beyond mitochondrial function, including cell-cycle regulation196, nuclear DNA 
maintenance171,174,197, and oxidative signalling176,198.  

Evidence also indicates that PolDIP2 may undergo dynamic intracellular relocalization. 
Specifically, PolDIP2 has been shown to shuttle between the cytoplasm and nucleus in a 
cell-cycle dependent manner, a process regulated by the carcinoembryonic antigen-related 
cell adhesion molecule 1 (CEACAM1). Perturbation of CEACAM1 with antibodies caused 
PolDIP2 to relocate to the plasma membrane, while in quiescent cells, the same treatment 
led to recruitment of PolDIP2 to the nucleus199. Cell-cycle dependent localization was also 
observed in mouse myoblast C2C12 cells, where the mouse PolDIP2 homolog was detected 
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in either mitochondria or the nucleus depending on proliferative status200. Furthermore, in 
rat vascular smooth muscle cells (VSMC), PolDIP2 colocalized with NADPH oxidase 4 
(Nox4) in both the nucleus and cytoplasm, specifically at focal adhesions and along stress 
fibers, where the two proteins were suggested to cooperatively mediate ROS generation and 
subsequent VSMC  migration176.  

Collectively, the reported differences in subcellular localization across cell types imply that 
PolDIP2 distribution may vary according to cellular context, interacting partners, or 
physiological conditions. 

4.2.  Mitochondrial function  

Although PolDIP2 was initially described to bind nuclear polymerases Polδ and PCNA, 
many subsequent studies have provided strong evidence of PolDIP2 localization to 
mitochondria where the protein has been described as an important factor in multiple 
mitochondrial processes and pathways.  

4.2.1. Role in mitochondrial morphology 

In mouse myoblast C2C12 cells, overexpression of the mouse PolDIP2 induced elongation 
of mitochondria, whereas shRNA silencing of this gene increased fragmented mitochondria, 
thereby affecting the mitochondrial morphology200. Similar observations were made in 
human umbilical endothelial cells (HUVECs) and central nervous system (CNS) 
catecholaminergic cells, further supporting the potential role of PolDIP2 in mitochondrial 
fusion, although the underlying molecular mechanism remains unresolved 200.  

4.2.2. Role in mtDNA maintenance 

As PrimPol’s processivity factor 

PrimPol belongs to the archaeo-eukaryotic primase (AEP) superfamily and possesses both 
primase and polymerase activity169,201. PrimPol has the capacity to re-prime downstream of 
DNA lesion or stalled replication fork in vitro, thus ensuring the continuation of DNA 
replication progression, indicating an important role for PrimPol in DNA translesion 
synthesis (TLS)170,202,203. In addition, PrimPol can restart DNA synthesis downstream of G-
quadruplex structures that impede replication progression204. As is typical for TLS DNA 
polymerases, PrimPol exhibits low processivity and a relatively high error rate during DNA 
synthesis205. PrimPol localizes to both nucleus and mitochondria and was suggested to play 
an important role in DNA damage tolerance in both genomes in mammalian cells169. In 
particular, while wild-type cells were able to resume mtDNA replication following drug-
induced inhibition of the replicative DNA polymerase gamma, PrimPol KO cells failed to do 
so and rapidly lost all detectable mtDNA replication intermediates, as shown by two-
dimensional DNA gel electrophoresis169. 

Using  pull-down assay in cultured human cells, Guilliam and colleagues identified PolDIP2 
as a binding partner of PrimPol, in addition to replication protein A (RPA), the nuclear and 
mitochondrial single-stranded DNA binding protein (SSB and mtSSB, respectively)205. 
Follow-up studies confirmed the interaction between PolDIP2 and PrimPol in human cells 
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using chemical cross-linking combined with mass spectrometry analysis171. While mtSSB 
was reported to suppress PrimPol activities, likely to limit unscheduled or error-prone DNA 
synthesis205, PolDIP2 was shown to enhance PrimPol polymerase activity but not its primase 
activity117.  

PrimPol is a non-processive DNA polymerase with a relatively low affinity for DNA and 
limited DNA synthesis activity in vitro186. Interacting with PolDIP2 enhanced DNA primer-
template and dNTP binding affinity of PrimPol, thereby increasing PrimPol’s processivity 
and polymerase activity171,186. The interaction between PolDIP2 and PrimPol was shown to 
involve multiple binding sites on both proteins171,186. The N-terminal region of PolDIP2, 
including the MTS, exhibits considerable conformation flexibility, which facilitates its 
interaction with the catalytic domain of PrimPol171,179. This interaction appears functionally 
important, as only the full-length (FL) PolDIP2, and not the mitochondrial variant, was able 
to enhance DNA binding and fully stimulate processivity of PrimPol171,186. In addition to the 
N-terminus, the ApaG-like domain of PolDIP2 interacts with a flexible loop in PrimPol (aa 
201-260 in human PrimPol), thereby improving PrimPol affinity for the DNA template171,186. 
Importantly, a unique arginine cluster adjacent to the glycine-rich motif in the ApaG-like 
domain was found to be essential for PrimPol stimulation by increasing its affinity for the 
incoming dNTPs171,186. 

While both PolDIP2 and PrimPol have been reported to co-localize in mitochondria, their 
functional interaction has so far only been observed in vitro, and  only when using full-length 
PolDIP2 but not the MTS-free mitochondrial variant171,186.	This raises questions about the 
physiological relevance of PolDIP2-mediated stimulation of PrimPol activity within 
mitochondria. Nevertheless, it has been speculated that additional proteins or post-
translational modifications present in mitochondria may mediate the interaction between 
PrimPol and mito-PolDIP2.  

4.2.3. Role in mitochondrial homeostasis 

In humans, mitochondrial protein homeostasis is maintained by at least five different AAA+ 
(ATPases associated with a variety of cellular activities) proteases, two of which are matrix-
localized, LONP1 and CLPXP. Human CLPXP protease is composed of a hexameric 
unfoldase CLPX component and a heptameric CLPP peptidase component206–208. The 
unfoldase CLPX recognizes and unfolds substrates before translocating them to the 
proteolytic CLPP component in an ATP-dependent manner209. For many AAA+ proteases, 
the recognition of different substrates sometimes requires adaptor proteins (also referred to 
as specialized cofactors)210–212. Many substrate adaptors have been described for the 
bacterial homolog of CLPX213, however, no such adaptor proteins had been identified in 
mammalian mitochondria until recently.		

Using a cross-linking approach combined with immunoprecipitation, Cheng and colleagues 
performed the earliest systematic protein-interaction screens for human PolDIP2 and 
identified several potential binding partners174. In addition to single-stranded DNA binding 
proteins and constituents of mitochondrial nucleoid, two mitochondrial proteases, LONP1 
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and CLPX, as well as mitochondrial chaperons were found to associate with endogenous 
human PolDIP2 after crosslinking178. In line with this, a subsequent study identified 
PolDIP2 as a putative CLPX-interacting protein in a pull-down assay using recombinant 
human PolDIP2 to capture interacting partners from isolated mouse mitochondria214. 
Follow-up work from the same group later confirmed PolDIP2-CLPX interaction within the 
mitochondria matrix and further characterized PolDIP2 as a novel adaptor protein for the 
CLPXP protease181. PolDIP2 was shown to directly bind to CLPX, which specifically 
inhibits CLPX turnover by LONP1181. The reduced protein levels of CLPX observed in 
PolDIP2-deficient cells indicated that PolDIP2 plays a role in maintaining the steady-state 
levels of CLPX, ultimately regulating the cellular activity of CLPXP system181. Moreover, 
PolDIP2 has also been proposed to function as an adaptor protein for mitochondrial 
CLPXP181. In this model, the C-terminal ApaG-like domain of PolDIP2 is suggested to 
recognize and accommodate specific, yet unidentified, protein substrates within its 
conserved binding pocket. These substrates would then be delivered to the CLPXP protease 
for degradation via docking of the PolDIP2 NTD to a defined loop within the Zinc-finger 
binding domain of CLPX, thereby modulating the substrate specificity of CLPXP system.	 

In agreement with this proposed role of PolDIP2 in CLPX-mediated degradation of protein   
substrates in mitochondrial matrix, PolDIP2 has recently been shown to bind to ALA 
synthase (ALAS), the first and rate-limiting enzyme in heme biosynthesis, in the presence 
of heme and promote the recognition of ALAS by CLPX for subsequent degradation215.  

4.3.  Other possible cellular functions of PolDIP2 

4.3.1. DNA replication and repair  

As previously stated, PolDIP2 was initially described as an interacting partner of the p50 
subunit of Pol δ and proliferating cell nuclear antigen (PCNA) in a yeast two-hybrid 
screen172. The ability of PolDIP2 to bind p50 and PCNA was further supported by GST 
pull-down assay and coimmunoprecipitation experiments using human cell extracts, 
providing some evidence that these interactions may occur within the Pol δ complex under 
physiological conditions. In addition, the authors identified three putative PCNA-binding 
motifs within the PolDIP2 sequence, similar to those found in established PCNA-binding 
proteins172. This suggests that PolDIP2 could potentially regulate the Pol δ-PCNA complex 
activity, which plays an important role in the nuclear DNA replication and damage repair.  

Subsequent studies demonstrated that PolDIP2 interacted with several translesion DNA 
synthesis (TLS) polymerases, including DNA polymerase eta (Pol η), Rev7 subunit of DNA 
polymerase zeta (Pol ζ), and Rev1 (dCMP transferase)173. PolDIP2 directly interacts with 
the ubiquitin-binding zinc (UBZ) finger domain of Pol η and was suggested to regulate the 
focal localization of Pol η. siRNA-mediated depletion of PolDIP2 in human MRC5 cells 
increased the proportion of cells habouring Pol η foci under basal conditions and reduced 
cell viability following UV radiation. These observations, in combination with PolDIP2’s 
reported interactions with several TLS polymerases, raising the possibility that PolDIP2 is 
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involved in the switching between replicative and specialized DNA polymerases at 
damaged DNA sites173.  

The proposed role of PolDIP2 as a mediator protein in translesion DNA synthesis is further 
supported by evidence that PolDIP2 physically interacted with and assisted TLS polymerase 
lamda (Pol λ) in efficiently bypassing the 8-oxoG DNA lesions in vitro174. PolDIP2 was 
shown to enhance the processivity of both Pol η and Pol λ on non-damaged DNA templates, 
as well as increase the efficiency of accurate 8-oxoG bypass. Similar stimulatory effects of 
PolDIP2 on Pol η and Pol λ TLS activity were also observed with other two common DNA 
lesions, abasic (AP) site and cyclobutene thymine dimers (T-T)174. Furthermore, mouse 
embryonic fibroblast (MEF) cells depleted of PolDIP2 exhibited increased sensitivity to 
oxidative stress, a phenotype similar to that observed in Pol λ−/− cells, suggesting that both 
Pol λ and PolDIP2 are important for cellular tolerance to oxidative damage174.  

Despite evidence of PolDIP2 interacting with these nuclear DNA polymerases both in vitro 
and in cells, it remains unclear how PolDIP2 is able to bind such diverse protein partners 
and by which mechanism PolDIP2 exerts its function in coordination with them during 
DNA damage tolerance.  

4.3.2. Cell cycle regulation and proliferation  

Previous findings have suggested that the expression and subcellular distribution of 
PolDIP2 in mammalian cells appear to be not only tissue and cell-type specific but also cell-
cycle-status dependent200. PolDIP2 was shown to be exclusively localized to mitochondria 
of mouse myoblast cells throughout most of the cell cycle, but was detected in both 
mitochondrial and nuclear compartments from the G2/M phase through the late G1 phase200, 
suggesting a potential role in cell cycle regulation. However, the mechanism by which 
PolDIP2 is shuttled between these compartments in cell-cycle dependent manner remained 
unclear.  

A subsequent study further investigated a role of PolDIP2 in cell division using mice 
homozygous for a PolDIP2 deletion175. PolDIP2−/− mice exhibited severely impaired 
embryonic development and perinatal lethality. Cell growth of PolDIP2−/− mouse 
embryonic fibroblasts (MEFs) was significantly reduced, potentially in part due to increased 
autophagy in knockout cells. Additionally, flow cytometry revealed an accumulation of 
PolDIP2−/− MEFs cells in the G1 and G2/M phases compared to wild-type cells, suggesting 
that loss of PolDIP2 altered expression of key cell cycle regulators175. While 
phosphorylation of p53 and expressions of its downstream transcriptional targets were 
increased in early-passage PolDIP2−/− MEFs, E2F/Rb-dependent expressions of PCNA, 
Cdk1, and Cyclin A2 were found to be downregulated at late passages. Notably, the SV40 
immortalization restored both growth rate and cell cycle profile of PolDIP2−/− MEFs cells 
to wild-type levels175. Together, these findings suggest that PolDIP2 plays an important role 
in regulating cell cycle progression. 
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4.3.3. Oxidative stress signalling and cell migration  

A yeast two-hybrid screen using rat vascular smooth muscle cells (VSMC) proteins 
revealed an interaction between PolDIP2 and the p22phox subunit of NADPH oxidase (Nox) 
4 enzyme, which was further confirmed by pull-down and coimmunoprecipitation 
assays176,177. PolDIP2 and p22phox /Nox4 were additionally found to colocalize at focal 
adhesions, stress fiber and the nucleus of VSMCs.  Overexpression of PolDIP2 stimulated 
Nox4-mediated ROS production, whereas PolDIP2 knockdown decreased basal ROS levels 
in VSCMs and resulted in morphological changes similar to those observed in Nox4 
depleted cells119. Moreover, siRNA silencing PolDIP2 or Nox4 resulted in the loss of focal 
adhesion-like structures, while overexpressing PolDIP2 increased focal adhesion and stress 
fiber formation. ROS can activate RhoA, a master regulator of the actin cytoskeleton that 
plays a crucial role in cell migration176,177. Based on these findings, it was proposed that 
PolDIP2 regulates ROS production through Nox4, which in turn modulates RhoA activity 
required for cell migration176,177. Supporting this model, the loss of stress fibers and focal 
adhesions observed in PolDIP2-depleted VSMCs could be rescued by expression of 
constitutively active RhoA119.  
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AIMS OF THE THESIS 

The present study comprises four interconnected projects that aim at advancing our 
understanding of human mitochondrial DNA maintenance and its implication in 
mitochondrial dysfunction. The first part of the thesis focuses on the molecular mechanisms 
underlying mitochondrial genome instability, either through intrinsic replication errors 
caused by pathogenic mutations in DNA polymerase gamma or through the formation of 
secondary DNA structures that impedes mtDNA replication. In addition, we investigate 
how cells respond to mitochondrial dysfunctions caused by mtDNA instability. In the 
second part of the thesis, we employ biochemical and cell biological approaches to 
characterize redox-dependent dimerization of mitochondrial PolDIP2 and to explore its 
potential roles in mitochondrial homeostasis.   

The specific aims of this thesis were to: 

1. Define the molecular basis by which the pathogenic Y951N variant in mitochondrial 
DNA polymerase gamma disrupts mtDNA replication and contributes to pathological 
phenotypes (paper I) 

2. Characterize cellular activation of the energy-sensing kinase AMPK in response to 
mtDNA depletion and evaluate the therapeutic potential of the AMPK activator A-
769662 in mitigating mitochondrial dysfunction (paper II) 

3. Develop and validate a novel method for mapping G-quadruplexes (G4s) specifically 
within mitochondria and use this tool to examine how G4 formation influences mtDNA 
stability under various cellular conditions (paper III) 

4. Investigate redox-regulated dimerization of PolDIP2 and examine its physiological 
relevance and potential functions within human mitochondria. (Manuscript IV) 

Achieving these objectives provides new insights into the mechanisms that safeguard 
mitochondrial genome integrity and regulate mitochondrial homeostasis. Furthermore, the 
work presented in projects II and III highlights potential therapeutic directions for 
mitochondrial diseases and offers valuable tools for future research in mitochondrial 
biology.  
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RESULTS AND DISCUSSION 

Part I - Insights into mechanisms of mtDNA instability in human cells  

1. Pathogenic mutations in DNA polymerase gamma in mitochondrial DNA-
depletion associated diseases (paper I and II) 

1.1. The Polγ Y951N patient mutation disrupts the switch between DNA synthesis and 
proofreading, triggering mitochondrial DNA instability (paper I) 

As previously mentioned, DNA polymerase gamma is the only replicative polymerase in 
human mitochondria. Human Polγ is a holoenzyme consisting of a catalytic PolγA subunit 
and two accessory PolγB subunits82,84. The catalytic subunit PolγA has 5´-3´ DNA 
polymerase activity responsible for DNA synthesis, and 3´- 5´ exonuclease activity that 
functions as a proofreading mechanism to ensure the correct nucleotide incorporation. A 
precise cooperation between the two activities of PolγA during mtDNA replication is 
therefore critical to ensure proper mitochondrial genome integrity. Like other DNA 
polymerases with proofreading activity, PolγA continuously shuttles the 3´-end of the 
nascent DNA strand between the polymerase and the exonuclease sites during replication 
via either intermolecular or intramolecular switching mechanisms88. The intermolecular 
transfer occurs when the polymerase dissociates and rebinds to the DNA template in a 
different domain88. In contrast, the intramolecular mechanism involves a series of delicate 
conformational changes within each domain of PolγA, enabling the enzyme to rapidly 
switch between polymerase and exonuclease modes without dissociating from the DNA 
template, making the process faster than the intermolecular transfer86,87.  

To date, more than 300 pathogenic mutations in Polγ have been implicated in various 
mitochondrial disorders216. Most patient mutations in PolγA occur either in its polymerase 
domain that primarily impairs DNA synthesis or in the exonuclease domain which mostly 
compromises its proofreading activity, thereby affecting the fidelity of mtDNA replication 
and eventually leading to mtDNA deletions or depletion217. However, much less is known 
about how different disease-causing mutations may influence the intramolecular switch of 
Polγ. 

PolγA Y951N expression leads to mtDNA replication stalling and depletion in human cells 

In this study, we were interested in the tyrosine-to-asparagine substitution of residue 951 
(Y951N) in PolγA found in patients with mitochondrial disorder phenotypes such as 
bilateral congenital cataracts, marked muscle weakness, and atrophy218. The Y951 residue, 
located in the polymerase domain of PolγA, is highly conserved among A-family DNA 
polymerases and important for nucleotide selection (Fig. 7).   
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Figure 7. Domain organization of human PolγA and sequence alignment of the B motif in PolγA 
with other A-family DNA polymerases. The schematic (top) depicts the major domains of human 
PolγA, including the mitochondrial targeting sequence (MTS), exonuclease (Exo) domain, and 
polymerase (Pol) domain. The pathogenic residue tyrosine 951 (Y951, in bold orange) is located within 
the conserved B motif of the polymerase domain. The sequence alignment (bottom) shows the B motif 
of human PolγA compared with representative A-Family DNA polymerases from multiple species, 
illustrating the strong evolutionary conservation of the tyrosine at this position.  

To investigate the mechanism by which the pathogenic mutation Y951N causes mtDNA-
associated disorders, we first examined the impact of this mutation on mtDNA replication 
and cell growth in human cells. To do this, we established stable inducible Flp-In T-Rex 
HEK293 cell lines expressing either wildtype (WT) Polγ-Flag or Y951N mutant upon 
doxycycline (Dox) induction and monitored the expression of these exogenous proteins 
over a 10-day period. By performing multiplex qPCR analysis, we observed a progressive 
decline in mtDNA content in cells expressing the Y951N variant. The relative mtDNA copy 
number in Y951N-induced cells was rapidly reduced to below 20% of that in the WT-
expressing cells already on day 3 of Dox induction. The mtDNA depletion coincided with 
an accumulation of mtDNA replication intermediates in the mutant-induced cells, indicating 
marked replication stalling. Furthermore, the pronounced effects of the Y951N variant 
expression on mitochondrial genomic integrity were followed by a significant decrease in 
cell proliferation and an increase in cell death. These results indicate that the Y951N 
mutation acts in a dominant-negative manner and causes mtDNA replication stalling, 
consequently leading to mtDNA depletion and impaired cell growth.   

The Y951N substitution does not affect DNA binding but causes a moderate reduction in 
DNA synthesis activity and dNTP binding affinity 

To elucidate the mechanism underlying mtDNA replication stalling caused by the Y951N 
mutation, we first assessed DNA binding using electrophoretic mobility shift assay 
(EMSA). We found that the Y951N variant bound the DNA template comparably to the 
WT protein, both in the absence and presence of the processivity subunit PolγB.  

We then examined DNA synthesis activity by performing primer extension assays on 
different DNA substrates. Interestingly, when a 25-70 nt primer/template DNA substrate 
was used, the Y951N variant was able to synthesize full-length DNA products despite a 
moderate reduction in DNA synthesis activity, whereas its DNA synthesis efficiency was 
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considerably affected on a longer DNA template (a 3-kb single-stranded plasmid). The 
altered processivity of the Y951N variant as well as its retained capacity to extend DNA 
products to full-length were also observed in single-hit conditions, in which heparin was 
added to prevent any rebinding events of Polγ that could potentially mask the actual defects 
in Y951N’s synthesis activity.   

Furthermore, we reconstituted a minimal mtDNA replisome consisting of Polγ, the mtDNA 
helicase Twinkle, and mitochondrial single-stranded DNA binding protein (mtSSB) and 
performed a rolling-circle replication assay to assess DNA synthesis by the WT and Y951N 
Polγ variants on a primed single-stranded mini-circle substrate. The results showed that 
replication by the Y951N variant was substantially impaired in comparison with the WT 
protein even in the presence of Twinkle stimulation. In addition, when the combination of 
WT and Y951N Polγ at a 1:1 ratio to mimic the heterogeneous state was used, the WT 
protein could partially compensate for the Y951N mutant. Taken together, these findings 
show that the Y951 mutant exhibits reduced processivity, especially over longer DNA 
sequences, indicating polymerase dysfunction.   

Since the Y951 residue has been suggested to play a key role in binding and incorporating 
incoming nucleotides during replication, we questioned whether the Y951N substitution 
hampers dNTP binding by PolγA, thereby causing the reduction in DNA synthesis. Our 
results showed that the Y951N mutant exhibited decreased dNTP binding affinity; however, 
increasing dNTP levels in primer extension reactions did not restore the polymerase activity 
of the Y951N protein, suggesting that the reduced dNTP binding was not the major cause 
of the impaired DNA synthesis. Interestingly, we observed a decreased capacity of Y951N 
variant to degrade the DNA substrate in the absence of dNTPs, which prompted us to 
hypothesize that the Y951N mutation, despite being in the polymerase active site, could 
unexpectedly influence the enzyme’s exonuclease activity.  

The Y951N mutation disrupts intramolecular switching between polymerase and 
exonuclease activities.  

To test the hypothesis that the Y951N mutation might affect DNA degradation by PolγA, 
we performed exonuclease assays on different substrates in the absence of dNTPs. While 
the WT protein was able to efficiently degrade both single-stranded DNA and partially 
double-stranded DNA primer/template substrates, DNA degradation by the Y951N variant 
was only observed on ssDNA but was not efficient on partially dsDNA substrate. It is worth 
noting that, upon binding to ssDNA, PolγA directly engages in exonuclease mode to 
degrade DNA substrate whereas on partially dsDNA, the enzyme first binds in polymerase 
mode and then switches to exonuclease mode for DNA degradation. Therefore, our results 
indicated that Y951N’s failing to degrade partially dsDNA was not caused by impaired 
exonuclease activity but instead resulted from a defect in transitioning from polymerase to 
exonuclease mode.  

Moreover, using primer/template DNA substrates with mismatches incorporated at the 3´-
terminus of the primer, we demonstrated that the WT Polγ was efficient in removing the 
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mismatches using its exonuclease activity and transitioning to polymerase mode to continue 
to extend the primer. In contrast, the Y951N mutant could excise the mismatches but failed 
to switch back to polymerase mode after mismatch removal, thus impeding the extension 
of the mismatched substrates. The reduction in extending these substrates by the Y951N 
mutant became more significant when intermolecular switching was restricted in the 
presence of heparin. Taken together, these results showed that the Y951N mutant was also 
defective in switching from exonuclease to polymerase activity. 

 

Figure 8. Schematic illustrating the defective intramolecular switch in Y951N PolγA. The 
pathogenic mutation Y951N disrupts the switching between Polγ’s polymerase (POL) and exonuclease 
(EXO) activities, leading to severe mtDNA replication stalling and subsequent mtDNA loss in cells.  

Conclusions  

In summary, we have demonstrated that the patient mutation, Y951N, located in the 
polymerase domain of mitochondrial PolγA, severely impairs the enzyme’s ability to switch 
between polymerase and exonuclease activities, leading to replication stalling and mtDNA 
instability in human cells (Fig. 8). Thus, our study provides further insights into the distinct 
mechanism underlying how different mutations in PolγA can cause mitochondrial genome 
instability associated with various mitochondrial disorders.  

1.2.  Activating AMPK improves pathological phenotypes due to mtDNA depletion 
(paper II) 

As described earlier (see Introduction 3.2), in response to mitochondrial dysfunction that 
alters cellular energy state, AMP-activated protein kinase (AMPK) becomes activated and 
promotes metabolic reprogramming to restore the energy balance. Given AMPK’s central 
role in maintaining energy homeostasis, pharmacological strategies utilizing small-
molecule activators to stimulate AMPK activity have shown positive effects in several 
models of mitochondrial dysfunction219. However, the degree of mitochondrial dysfunction 
required to induce AMPK activation, as well as how defects in mitochondrial functions can 
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be alleviated following AMPK stimulation by activators, remain unclear. Our study 
therefore aimed to address these questions.  

Cells expressing the D1135A Polγ variant display a progressive mtDNA depletion that is 
followed by impaired OXPHOS and cell proliferation. 

In this study, we used the previously established Flp-In T-Rex HEK293 cell line that 
expresses the polymerase deficient D1135A Polγ mutant upon doxycycline (Dox) 
induction. We specifically chose the D1135A mutant as it acts in a dominant-negative 
manner and previous work has shown that inducible overexpression of D1135A resulted in 
pronounced mtDNA replication stalling and subsequent rapid loss of mtDNA in cultured 
human cells220,221, making this an excellent model to study progression of mtDNA depletion 
syndromes (MDS).  

To monitor the mitochondrial and cellular effects of progressive mtDNA depletion caused 
by D1135A Polγ overexpression, we collected cells at different time points after 
doxycycline addition over a 9-day period.  Consistent with previous studies, cells 
expressing the D1135A mutant showed a substantial decrease in mitochondrial DNA 
content, with mtDNA copy number falling below 15% of starting levels already on day 3 
post-induction. Western blot analysis also showed that the protein levels of all respiratory 
chain (RC) subunits were affected in mutant-induced cells, with a severe loss of most RC 
complexes and supercomplexes by day 6 of induction, when mtDNA copy number had 
reached critically low levels. Moreover, measurements of mitochondrial membrane 
potential (ΔΨ) and cell proliferation revealed substantial decreases by day 6 post-induction 
in cells expressing D1135A Polγ compared with the wildtype counterpart.  

We also observed an increase in cellular ADP and AMP levels in D1135A-expressing cells 
after 6 days of Dox induction, resulting in a decreased ratio of ATP to (AMP+ADP) 
compared to WT and uninduced cells. In addition, flow cytometry analysis revealed 
alterations in the cell cycle profile of mutant-induced cells, with an increased number of 
cells arrested in the S and G2 phases.   

Mitochondria-associated AMPK is activated early during the course of mitochondrial 
dysfunction and stimulation of AMPK activity restores MMP in cells expressing D1135A 
Polγ 

Since D1135A Polγ-expressing cells displayed altered cellular ADP and AMP levels 
following mtDNA depletion, we next examined the status of AMPK, a key metabolic 
regulator that senses changes in the ratios of ATP to AMP/ADP and becomes activated, 
subsequently triggering multiple metabolic pathways to restore cellular energy balance. We 
initially performed cellular fractionation assays to evaluate AMPK phosphorylation in 
different subcellular compartments. The results revealed that AMPK activation in the crude 
mitochondrial fraction was initiated already on day 3 post-induction, whereas the 
phosphorylation state of cytosolic AMPK remained unchanged throughout the time course. 
Further separation of the crude mitochondrial fraction into pure lysosomal and 
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mitochondrial subfractions using density gradient centrifugation confirmed that 
mitochondria-associated AMPK became activated following D1135A expression. 
Importantly, we did not observe a change in partitioning of AMPK between subfractions, 
suggesting that the energy stress caused by mtDNA depletion in the mutant-induced cells 
primarily activates AMPK that is already associated with mitochondria.  

Several aspects of the advancing mitochondrial dysfunction following the inducible 
expression of D1135A Polγ in our experimental time course can be summarized in Fig. 9.  

 

Figure 9. Schematic summary of the progressive cellular phenotypes associated with mtDNA 
depletion. Following inducible expression of the D1135A Polγ, cells exhibited a rapid loss of mtDNA 
by day 3, coinciding with the first detectable reduction in respiratory chain protein levels and the onset 
of energy stress that primarily activates mitochondria-associated AMPK. By day 6 of induction, most 
respiratory chain proteins were diminished, accompanied by a significant decrease in mitochondrial 
membrane potential (MMP) and severely impaired cell proliferation.   

Based on the timeline in Figure 9, we conducted further analysis with Dox induction for 4 
days, because this was the time point when we observed mild mitochondrial dysfunction in 
cells, which could help us estimate the situation in mild to moderate mitochondrial 
disorders. Given the central role of AMPK in maintaining cellular energy homeostasis, we 
questioned whether pharmacological modulation of AMPK activity can mitigate some of 
the phenotypes associated with mitochondrial dysfunction in our cell model. To address 
this, we treated uninduced and D1135A-induced cells with the specific AMPK activator A-
769662 and evaluated its effects on cellular phenotypes. Interestingly, we found that A-
769662 treatment increased ΔΨ in both uninduced and D1135A-induced cells, albeit with 
a more pronounced impact in the induced cells. Specifically, AMPK activation by A-
769662 was sufficient to restore the reduced ΔΨ in the mutant-induced cells. Moreover, the 
impact of A-769662 on ΔΨ was diminished when AMPK was depleted by siRNA 
knockdown, confirming that the stimulatory effect of A-769662 on mitochondrial 
membrane potential is AMPK dependent. Of note, the substantial decline in ΔΨ in 
uninduced cells upon siRNA silencing indicated an essential role of AMPK in maintaining 
ΔΨ under normal cellular conditions.  
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AMPK activation by A-769662 results in a modest increase in mtDNA copy number and 
restores the integrated stress response in D1135A-expressing cells 

Although A-769662 treatment could rescue the decreased ΔΨ in the mutant-induced cells, 
it was not sufficient to improve impaired cell proliferation. Nevertheless, we observed 
positive effects of A-769662-mediated AMPK activation on some phenotypes of D1135A-
induced cells, including a small increase in mtDNA copy number and protein levels of 
OXPHOS complexes. Treatment with A-769662 did not change mtDNA content in 
uninduced cells despite the observed increase in ΔΨ, suggesting that the effect of the AMPK 
activator on ΔΨ might be not mediated by mtDNA increases.  

To further investigate the molecular mechanism by which A-769662 restored the 
mitochondrial membrane potential, we performed RNA-seq analysis and compared the 
transcriptional profiles of uninduced and D1135A-induced cells in the absence or presence 
of A-769662. We identified several genes involved in the integrated stress response (ISR) 
whose expression was upregulated in mutant-induced cells compared to the uninduced cells. 
Treatment with A-769662 did not cause any significant changes in gene expression in the 
uninduced cells, while the expression levels of 88 genes were restored in mutant-induced 
cells upon treatment with the activator. These results indicated that the elevated ΔΨ induced 
by A-769662 was not achieved through major transcriptional changes.   

 

Figure 10. Representative confocal microscopy images of uninduced and D1135A-induced Flp-In T-
REx U2OS cells (6 days) either untreated or treated with A-769662 for 48h. Following fixation, cells 
were immunostained with DAPI to label nuclei (blue) and TOM20 to visualize mitochondria (green), 
scale bar 20 µm.   

We next examined mitochondrial dynamics and morphology which are reported to respond 
to energy-stress-induced AMPK activation and may impact mitochondrial membrane 
potential. Confocal microscopy revealed an altered mitochondrial network in D1135A-
induced cells, with shorter and fewer branches compared to uninduced cells, indicating 
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mitochondrial fragmentation. Interestingly, we observed that, in both uninduced and 
mutant-induced cells, AMPK activation by A-769662 resulted in a considerable decline in 
number of branches and summed length of branches in the mitochondrial network as well 
as a clustering of mitochondria in the perinuclear region of the cell (Fig. 10).  

Given the modest but promising effects of AMPK stimulation by A-769662 in D1135A-
induced cells that exhibit severe mtDNA loss and mitochondrial dysfunction, we next 
applied this activator to cells with a milder and more clinically relevant level of mtDNA 
depletion. The patient-derived fibroblasts were homozygous for either V1106A Polγ or 
Y955C Polγ mutation and displayed a ⁓ 40 % reduction in mtDNA copy number compared 
to the control cells. A-769662 treatment caused a slight increase, although not statistical 
significance, in the mtDNA content of the patient cells but not in the control lines. Similar 
to observations in uninduced and D1135A-induced cells, treatment with A-769662 elevated 
mitochondrial membrane potential both in control and patient cell lines, suggesting a 
beneficial effect of pharmacological stimulation of AMPK by this specific agonist on 
mitochondrial function.  

Conclusions 

Taken together, our findings show that the activation of mitochondria-associated AMPK 
occurs during the early stage of advancing mitochondrial dysfunction, which is in line with 
its established role in maintaining energy homeostasis. Moreover, we demonstrated that 
stimulation of AMPK activity using the specific activator A-769662 can increase 
mitochondrial membrane potential both in our cell model with severe mtDNA depletion and 
in myopathy-associated patient fibroblasts. Our results suggest that the positive effect of 
AMPK activation on mitochondrial membrane potential was not mediated through mtDNA 
increases or major transcriptional changes. Instead, perinuclear mitochondrial clustering 
observed in cells treated with A-769662 prompts us to speculate that this AMPK-mediated 
redistribution of mitochondrial network could be part of the retrograde signalling pathway 
triggered by mitochondrial stress, resulting in a compensatory increase in ΔΨ. Further 
investigation, however, will be needed to address this hypothesis. Nevertheless, this study 
broadens our understanding of the beneficial impacts of specific AMPK agonists on 
mitochondrial and cellular functions, thus contributing to the development of therapeutic 
strategies for mitochondrial disorders.    

2. Enhanced mitochondrial G-quadruplex formation impedes replication fork 
progression leading to mtDNA loss in human cells (paper III) 

Loss of mitochondrial genome integrity results not only from defects in mtDNA replisome 
proteins (e.g. Polγ) but also from errors during mtDNA replication or repair of damaged 
mtDNA that can lead to the formation of point mutations and/or deletions in mtDNA. Many 
large-scale mtDNA deletion breakpoints implicated in mitochondrial disorders have been 
suggested to occur at mtDNA sequences with potential to form G-quadruplexes (G4s)64,66. 
In support of this, biochemical studies have shown that these G4 structures may pose an 
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obstacle to the progression of the mtDNA replication machinery66,222. However, the role of 
G4s in the formation of mtDNA deletions has remained unclear. Studying the dynamics of 
mitochondrial DNA G4s has been challenging, primarily due to the lack of tools to 
specifically detect these structures within mitochondria. Therefore, in this study, we 
developed a novel method that allows for the detection and mapping of mtDNA G4s in 
human cells under different cellular conditions. 

Establishing a cell line expressing BG4 that is specifically targeted to mitochondria 
(mitoBG4) 
One of the approaches to detect G4s in cultured cells is based on the use of synthetic 
antibodies that specifically recognize and bind to G4 structures, such as BG4223–225. This 
single chain antibody fragment was previously used to analyse nuclear G4s. To study G4s 
in mtDNA, we generated a construct consisting of BG4 sequence fused with the 
mitochondrial targeting signal (MTS) of TFAM to drive the protein to the mitochondrial 
matrix, and a C-terminal Flag tag to monitor BG4 expression in cells (Fig. 11). We then 
established a Flp-In T-REx HEK293 cell line expressing the MTS-BG4-Flag protein upon 
induction with doxycycline. 

 

Figure 11. A. Schematic representation of the BG4 construct used to establish the mitoBG4 cell model. 
The BG4 sequence is fused with the N-terminal mitochondrial targeting sequence (MTS) of TFAM and 
carries a C-terminal Flag tag. Upon import into the mitochondrial matrix, the MTS is recognized and 
cleaved by specific proteases to produce mitoBG4. B. Properly folded mitoBG4 binds specifically to 
G4 structures within the mtDNA.  
The expression of mitoBG4 after Dox addition was detected by Western blotting using an 
anti-Flag antibody. We next performed immunofluorescence (IF) and cellular fractionation 
assays and confirmed the correct mitochondrial localization of mitoBG4. Additionally, 
using a Proteinase K accessibility (PKA) assay we further demonstrated that mitoBG4 was 
localized to the mitochondrial matrix, where mtDNA resides. Importantly, the analysis of 
non-reducing SDS-PAGE confirmed the proper folding of mitoBG4, which is achieved 
through disulfide bonds when expressed in cells.   

MitoBG4 colocalizes with mitochondrial nucleoids and does not disrupt mtDNA replication 

After confirming that mitoBG4 localized to the mitochondrial matrix, we next asked 
whether it interacts with the components constituting mitochondrial DNA nucleoid. By 
performing immunofluorescence in mitoBG4-induced cells, we showed that mitoBG4 co-
localized with TFAM and mtSSB, two essential mtDNA nucleoid proteins. Our 
immunoprecipitation (IP) assay further supported the IF results by demonstrating that 
several mtDNA-associated proteins (including Polγ and Twinkle) were co-precipitated with 

A B 



 

38 
 

mitoBG4, while no enrichment of cytosolic and nuclear proteins was detected. Collectively, 
these findings indicate that mitoBG4 directly associates with mitochondrial nucleoids.  

Furthermore, we observed that long-term expression of mitoBG4 had no effect on mtDNA 
maintenance, as evidenced by the unchanged mtDNA copy number and patterns of mtDNA 
replication intermediates comparable to the control cells. Taken together, we show that our 
cell model can be used to detect mtDNA G4s in human cells without disturbing mtDNA 
metabolism.  

MtG4-ChIP can specifically enrich G4-containing regions on mtDNA 
We next set up a Chromatin Immunoprecipitation protocol to map mtDNA G4s (mtG4-
ChIP) in the mitoBG4 cells. Briefly, we performed a cross-linking step on intact cells and 
shearing of total genomic DNA prior to mitoBG4-pulldown with the anti-Flag antibody. 
The subsequent analysis revealed the enrichment of several mtDNA regions with predicted 
putative G4-forming sequences (PGS), many of which were indeed shown to fold into G4 
structures and be specifically recognized by the recombinant BG4 in vitro. Additionally, we 
did not observe an enrichment for nDNA G4s in cells expressing mitoBG4, or detection of 
mtDNA sequence reads from mitoBG4 p0 cells (i.e. cells devoid of mtDNA), confirming 
that the signal detected in the mitoBG4 cells by mtG4-ChIP-seq is specific for 
mitochondrial DNA. Our data also indicated that the level of mtDNA G4s is relatively low 
in human cells under normal growth conditions.  

mtDNA G4 stabilization blocks the progression of mtDNA replication fork, which in turn 
enhances mtDNA G4 formation  
Next, we applied mtG4-ChIP-seq to investigate the consequences of G4 structures on 
mtDNA replication progression. Upon treatment of mitoBG4 cells with RHPS4, a known 
G4 stabilizer that has been shown to localize to mitochondria, we found a considerable 
increase in mtDNA sequence reads harbouring PGS. The elevated mtG4-ChIP-seq signal 
coincided with increased replication stalling and reduced mtDNA copy number in cells 
treated with RHPS4, indicating that the enhanced stabilization of mtDNA G4s by RHPS4 
impedes the mtDNA replication machinery. These results thus validated the feasibility of 
our method in detecting and mapping mtDNA G4s formation in human cell lines.  

Due to the asynchronous replication mode of mtDNA, the GC-rich heavy strand (H-strand) 
is particularly susceptible to the formation of G4 structures during mtDNA replication, 
where the H-strand is exposed as a partially single-stranded intermediate for an extended 
period. Therefore, to investigate whether impaired mtDNA replication could lead to G4 
formation in mtDNA, we took advantage of ddC (2,3-dideoxycytidine), a chain-terminating 
nucleoside analogue that is selectively incorporated by Polγ, thereby resulting in chain 
termination and subsequent mtDNA replication stalling. The analysis of mtG4-ChIP-seq in 
mitoBG4-expressing cells upon ddC treatment showed an increase in the enrichment of 
multiple G4 regions on mtDNA but not on nuclear DNA. In particular, the elevated mtDNA 
G4 signal was more pronounced on the major arc, likely because this region of the parental 
H-strand can be exposed in single-stranded form for even longer when the mtDNA 
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replication progresses more slowly in the presence of ddC. As most mtDNA deletion 
breakpoints in patients have been mapped within the major arc, these findings suggest an 
interplay between mtDNA G4 accumulation during the replication process and the 
formation of mtDNA deletions.    

 
Figure 12. Schematic representation of a cell model and mtG4-ChIP-seq method that we 
developed in the study. Inducible cells expressing mitoBG4-Flag were subjected to cross-linking prior 
to cell lysis and DNA shearing. The mitoBG4-Flag was enriched with an anti-Flag antibody, and the 
pulldown extract was subsequently analysed by next generation sequencing, allowing the detection and 
mapping of G4s specifically in mtDNA. 

Conclusions 

In this study, we established a cell model expressing mitochondrially targeted G4-binding 
antibody BG4 under doxycycline induction and developed a mtG4-ChIP approach coupled 
with sequencing, enabling us to detect and map G4s specifically in mitochondrial DNA of 
human cells (Fig. 12). Our results show that mitoBG4 was correctly localized and folded 
within the mitochondrial matrix and its inducible expression did not perturb mtDNA 
maintenance or the dynamics of G4 structures. Using mtG4-ChIP to specifically enrich 
mtDNA G4 sequences, we demonstrated that G4 structures are present in mitochondrial 
DNA at a low level under normal cell culture conditions, and that G4 stabilizer RHPS4 
enhanced mtDNA G4 formation, leading to increased mtDNA replication blockage and 
subsequent mtDNA depletion in cultured cells. On the other hand, the stalling of mtDNA 
replication fork enhanced G4 formation in mtDNA, particularly on the major arc region. 
Overall, the mtG4-ChIP approach provides a useful tool for future research for studying 
factors involved in the formation of mtDNA G4 structures as well as their mechanistic roles 
in mtDNA instability. 
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Part II - Characterization of PolDIP2 structural features and their 
implications in mitochondria (Manuscript IV) 
In addition to studying mechanisms underlying mtDNA deletions and depletion, we also 
investigated how cells tolerate mtDNA damage to preserve mitochondrial genome integrity. 
We focused on the primase–polymerase PrimPol that can restart stalled mtDNA replication, 
thereby playing a role in mtDNA maintenance170. Previous evidence, including our own 
work, has demonstrated that PrimPol-dependent DNA synthesis requires stimulation by 
Polymerase δ–interacting protein 2 (PolDIP2)171,186. While characterizing this functional 
interaction, we unexpectedly found that PolDIP2 forms dimers, which is enhanced under 
oxidative conditions. This observation broadened our research focus and motivated us to 
explore PolDIP2 oligomerization and its potential cellular relevance, ultimately leading to 
Manuscript IV (Redox-dependent dimerization of PolDIP2 and a conserved ApaG-
domain motif required for CHCHD2 interaction) 

PolDIP2 can form dimers in vitro and in cultured human cells 

While investigating the biochemical properties of PolDIP2 and its potential physiological 
functions, we detected higher-molecular-weight forms of PolDIP2. By analysing 
endogenous PolDIP2 in HEK293T cells on non-reducing SDS-PAGE followed by 
immunoblotting with an anti-PolDIP2 antibody, we observed the expected ~37 kDa band 
corresponding to the mitochondrial mature form and an additional slower-migrating species 
at ~85 kDa (Fig. 13A). This higher-molecular-weight band was absent when β-
mercaptoethanol was added, suggesting it represents a disulfide-linked oligomer (Fig. 13B). 
Importantly, despite having a lower abundance than the monomer, the oligomer was 
similarly depleted upon PolDIP2 silencing, indicating that both species are specific forms 
of PolDIP2 (Fig. 13A). Furthermore, in doxycycline-inducible Flp-In T-Rex HEK293 cells 
expressing Flag-tagged PolDIP2, both the monomeric and oligomeric species were detected 
using anti-Flag and anti-PolDIP2 antibodies.  

Consistent with PolDIP2 oligomerization observed in cultured cells, the recombinant 
PolDIP2 protein also eluted as monomers and oligomers from a size exclusion 
chromatography (SEC) column. Mass photometry analysis confirmed that the higher-
molecular weight species corresponds to PolDIP2 dimer. Together, these results 
demonstrate that PolDIP2 can form dimers both in vitro and in cells. 

Cysteine 143 residue is important for PolDIP2 dimer formation via a disulfide bridge  

To gain insight into the molecular basis of PolDIP2 dimerization, we solved the crystal 
structure of recombinant human PolDIP2 dimers. The structural analysis revealed an 
intermolecular disulfide linkage formed between two PolDIP2 monomers via cysteine 143 
residues (Cys143). Sequence alignment of PolDIP2 from various vertebrate species 
identified two highly conserved cysteines, Cys143 in the YccV-like domain and Cys266 in 
the ApaG-like. Therefore, to evaluate the contribution of both Cys residues to dimer 
formation in cells, we generated doxycycline-inducible cell lines expressing PolDIP2 
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variants carrying cysteine-to-alanine substitutions. The results showed that while the 
dimerization of PolDIP2 C266A mutant was comparable to that of the wild-type, dimer 
formation was not detected for C143A-expressing cells (Fig. 13B). Consistent with 
observations in cells, both the recombinant C143A and Δ143–170 mutants failed to form 
dimers in vitro. Altogether, these results indicate that Cysteine 143 is required for disulfide 
bond-mediated dimerization of PolDIP2 both in cells and in vitro. 

 

Figure 13. (A) Western Blot analysis of PolDIP2 in HEK293T cells transfected with siRNA against 
PolDIP2 or scramble (scr) siRNA (control) for 72 hours. Both short (left) and long (right) exposures are 
shown. Both the monomeric and dimeric species are lost upon PolDIP2 knockdown (B) Western blot 
analysis of Flp-In™ HEK293 T-REx cells expressing Flag-tagged PolDIP2 variants. While wildtype 
(WT) PolDIP2 forms both monomeric (M) and dimeric (D) species, the C143A PolDIP2 mutation 
abolishes dimer formation. (C) Schematic overview of PolDIP2 dimerization in mitochondria. 
Following mitochondrial import, the precursor PolDIP2 is processed to the mature 37kDa form, which 
can undergo Cys143-dependent dimerization within the organelle.  

As disulfide bonds can contribute significantly to the stabilization of protein structures, we 
questioned whether mutating Cys143 had an effect on PolDIP2 protein stability. By treating 
PolDIP2 WT- and C143A-induced cells with protein synthesis inhibitor Cycloheximide 
(CHX), we found that C143A mutant exhibited a turnover rate comparable to the WT in the 
CHX-chase assay, suggesting that Cys143-mediated disulfide linkage does not contribute 
to the steady-state stability of PolDIP2 in cultured cells.  

PolDIP2 dimerization occurs strictly within mitochondria and can be enhanced by ROS-
induced oxidative stress  

Given relatively low levels of endogenous PolDIP2 dimers in HEK293T cells under basal 
conditions, we next investigated whether its dimer formation could be induced by certain 
stimuli. As PolDIP2 dimerizes via disulfide bond formation between two cysteine residues, 
and dimerization of the recombinant PolDIP2 can be triggered by oxidizing agents 
(potassium ferricyanide K3Fe(CN)6 or hydrogen peroxide (H2O2)), we examined PolDIP2 
oligomerization in cells in response to oxidative stress. The results showed that H2O2 
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treatment increased dimer formation of both endogenous and exogenous PolDIP2 WT. 
Importantly, PolDIP2 C143A mutant did not respond to H2O2 treatment, indicating the 
importance of Cys143 for oxidation-dependent PolDIP2 dimerization. Furthermore, cell 
exposure to rotenone, an inhibitor of mitochondrial complex I that enhances intracellular 
reactive oxygen species (ROS), also caused a modest increase in the dimerization of 
PolDIP2 WT. Altogether, these findings indicate that PolDIP2 dimerization is selectively 
promoted in response to ROS-mediated oxidative stress. 

Next, to investigate the significance of PolDIP2 dimerization in cells, we examined the 
subcellular localization of PolDIP2 dimers using a cell fractionation assay. While the 
monomeric form of PolDIP2 was detected in both the cytoplasmic and mitochondrial 
fractions, dimeric form was exclusively distributed to mitochondria. Moreover, by 
transiently expressing different PolDIP2 constructs in HEK293T cells, we demonstrated 
that only the PolDIP2 variant that was properly imported into mitochondria and processed 
to the mature form could form dimers. Taken together, these results indicate that PolDIP2 
dimerization occurs strictly within mitochondria, suggesting that dimer formation may be 
linked to a mitochondrial function (Fig. 13C).  

PolDIP2 dimerization does not alter PrimPol stimulation or mtDNA replication in cells  

As previously discussed, PolDIP2 has been demonstrated as a processivity factor of PrimPol 
by stimulating PrimPol’s processivity and polymerase activity in vitro171,186. We therefore 
examined whether PolDIP2 dimerization influences PrimPol stimulation. The results 
showed that the recombinant PolDIP2 dimer exhibited stimulatory effects on PrimPol 
activity comparable to the monomer, indicating that disulfide-bond-dependent dimerization 
does not affect PolDIP2-mediated PrimPol stimulation in vitro.  

Since PolDIP2 has also been suggested to be involved in mtDNA-associated 
processes178,226, we next asked whether its dimerization affects mtDNA replication in cells. 
By employing two-dimensional agarose gel electrophoresis (2D-AGE), we detected a 
modest increase in the abundance of replication intermediates in WT-expressing cells 
compared to uninduced control counterparts, implying a mildly slower progression of 
mtDNA replication forks. A similar pattern, however, was observed when expressing the 
dimer-deficient C143A variant, suggesting that while PolDIP2 overexpression may 
modestly influence mtDNA replication dynamics, this effect is independent of Cys143-
mediated dimerization.   

PolDIP2 interacts with CHCHD2 and a conserved glycine-rich motif in the ApaG-like 
domain of PolDIP2 is required for this association 

Given the redox sensitivity of PolDIP2 specifically within mitochondria, we next 
investigated its interactome in this organelle, focusing on PolDIP2 associations with distinct 
mitochondrial protein partners that might be involved in or influenced by its redox-
regulated dimerization. To this end, we performed immunoprecipitation (IP) of PolDIP2-
Flag followed by mass spectrometry (MS) analysis in Flp-In HEK293 cells. In addition to 
previously reported protein associations with PolDIP2 in mitochondria, including the two 
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components of CLPXP protease, CLPX and CLPP, as well as ALAS1181,215, we also 
identified three mitochondrial proteins that have not been previously confirmed as PolDIP2 
interacting partners: coiled-coil-helix-coiled-coil-helix domain–containing protein 2 
(CHCHD2), HSP60 (60-kDa heat-shock protein), and LONP1. These mitochondrial 
associations were then validated by co-immunoprecipitation (co-IP) in cells expressing 
PolDIP2 WT.  

Among the newly validated interacting proteins, we primarily focused on CHCHD2 for 
further interaction characterization, as its function as a regulatory protein involved in redox-
sensitive stress signaling227 may provide a potential mechanistic link between CHCHD2 
and the redox-regulated dimerization and mitochondrial function of PolDIP2.  

We first generated AlphaFold3 complex predictions for CHCHD2-PolDIP2 association. 
Based on the predicted model, the interaction interface between the two proteins localized 
to a surface on the C-terminal ApaG-like domain of PolDIP2, adjacent to a conserved 
glycine-rich motif (GxGxxG; residues 298–303 in human PolDIP2) (Fig. 14A-B). Notably, 
the deletion of the glycine motif in PolDIP2 led to a substantial reduction in predicted 
complex confidence (ipTM: 0.23 compared to ipTM: 0.57 for the WT) without a notable 
change in the overall model confidence, suggesting that this region contributes to the 
interaction. Interestingly, the glycine-rich motif is positioned at the base of a hydrophobic 
groove that is formed within PolDIP2 ApaG-like domain and reminiscent of the substrate-
binding pocket of human Fbxo3. This prompted us to investigate whether this motif 
contributes to shaping the local surface through which PolDIP2 can engage CHCHD2.  

To address this, we generated two variants that disrupt the GxGxxG sequence: a triple 
glycine-to-aspartate substitution (3G>D; G298D/G300D/G303D) and a deletion of the 
motif (Δ3G; Δ298–303). The co-IP analysis showed that, while interaction profiles of 3G>D 
and Δ3G mutants were largely comparable to those of the wildtype for most tested 
mitochondrial interactors, the binding of these mutants to CHCHD2 was completely lost 
(Fig. 14C). Taken together, these findings indicate that the conserved glycine-rich motif in 
PolDIP2 is specifically required for its association with CHCHD2.  

Disruption of the glycine-rich motif enhances PolDIP2 dimerization 

Given CHCHD2’s characterized roles in oxidative-stress responses and the loss of 
CHCHD2 association observed in the glycine-rich motif mutants, we next questioned 
whether disruption of the motif also affects the redox-sensitive dimerization of PolDIP2. 
Western Blot analysis revealed that, despite having a substantially lower total protein 
abundance compared to the PolDIP2 WT, possibly due to effects on protein stability or 
expression caused by motif alteration, both 3G>D and Δ3G variants exhibited considerably 
increased relative proportion of dimer to monomer. Moreover, H2O2 treatment further 
promoted dimerization of the motif mutants whereas introduction of the C143A substitution 
into the 3G>D or Δ3G backgrounds abolished dimer formation, indicating that dimerization 
of the motif mutants is also responsive to oxidative stress and via the same Cys143-mediated 
disulfide linkage as in wildtype PolDIP2. Altogether, these results indicate that the 
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conserved glycine-rich motif not only contributes to PolDIP2 interaction with CHCHD2 
but also influences its redox-dependent dimerization. 

The observation of the increased dimer formation and the loss of CHCHD2 binding in 
PolDIP2 motif variants suggested a potential link between the oligomeric state of PolDIP2 
and its interaction with CHCHD2. Supporting this model, CHCHD2 was consistently 
enriched in co-Ips when dimer-deficient C143A mutant was used, indicating that CHCHD2 
interacts preferentially with the monomeric form of PolDIP2 (Fig. 14C). 

 

Figure 14. PolDIP2 interacts with CHCHD2, and a conserved glycine-rich motif is important for 
this interaction (A) Sequence alignment of the C-terminal domain of human PolDIP2 with other ApaG 
containing proteins reveals a highly conserved glycine-rich motif (boxed in green), corresponding to, 
G298xG300xxG303 in human PolDIP2. (B). Alphafold3-predicted model of the PolDIP2-CHCHD2 
complex. The glycine-rich motif of PolDIP2 is highlighted in yellow. The unstructured, low-confidence 
regions of both proteins are omitted for clarity. (C) Western blot analysis of input and pull-down 
(IP:Flag) fractions from Fab-Trap immunoprecipitation in parental Flp-In T-Rex (control) or cells 
expressing either wild-type or mutants. 

Conclusions 

In summary, our study investigated the biochemical and cellular properties of human 
PolDIP2. In particular, we show that PolDIP2 forms dimers via intermolecular disulfide 
bonds between the conserved Cys143, and that dimer formation is restricted to mitochondria 
and promoted by oxidative stress. Furthermore, using proteomic and biochemical 
approaches, we identified CHCHD2 as a specific mitochondrial binding partner of PolDIP2 
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and demonstrated that a conserved glycine-rich motif in the C-terminal ApaG-like domain 
of PolDIP2 is required for this association. Interestingly, disruption of this motif specifically 
abolished CHCHD2 binding while substantially increasing PolDIP2 dimer formation, 
suggesting that PolDIP2’s oligomeric state directly influences its interaction with 
CHCHD2. Given CHCHD2’s role in mitochondrial morphology and stress signaling and 
the implication of pathogenic CHCHD2 mutations in Parkinson’s disease228–230, it is much 
of interest to further investigate the functional consequences of PolDIP2-CHCHD2 
interaction. Nevertheless, our findings provide new insight into structural features of 
PolDIP2 that regulate its mitochondrial interaction network as well as into its potential role 
in mitochondrial redox homeostasis.  
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CONCLUSION AND OUTLOOK 

Mitochondrial DNA integrity is crucial for various key mitochondrial processes, including 
oxidative phosphorylation, mitochondrial biogenesis and homeostasis. Consequently, 
failure to maintain mitochondrial genome directly affects cellular energy production and 
metabolism, eventually leading to mitochondrial dysfunction implicated in a wide range of 
human diseases. Therefore, understanding the molecular mechanisms underlying 
mitochondrial dysfunction is essential for developing diagnostic methods and therapeutic 
interventions. 

In paper I and II, our findings reinforce the crucial role of DNA polymerase gamma (Polγ) 
in maintaining mitochondrial genome stability and the clinical relevance of Polγ pathogenic 
mutations in mitochondrial dysfunction. We revealed a distinct mechanism by which the 
patient mutation in Polγ, Y951N, leads to mtDNA loss in human cells, providing additional 
insights into the origin of mitochondrial disorders (paper I). We further demonstrated that, 
following the energy deficit caused by mtDNA depletion, mitochondria-associated AMPK 
is activated early to restore cellular energy balance, and that the specific pharmacological 
AMPK agonist A-769662 has beneficial impacts on mitochondrial phenotypes (paper II). 
In addition, given the potential implications of G4 structures for mtDNA instability, in 
project III we developed a new method that enables the detection and mapping of G4 
formation in mtDNA under different cellular conditions. This provides a valuable tool for 
further research to identify factors affecting G4 dynamics in mtDNA and decipher G4’s 
roles in mtDNA maintenance and expression. Altogether, these findings not only improve 
our understanding of factors contributing to mtDNA instability and mitochondrial 
dysfunction but also provide valuable insights into potential applications of therapeutic 
strategies.   

Lastly, we delved into the biochemical and cellular properties of human PolDIP2, a 
mitochondrial protein that has been suggested to play a role in several mitochondrial 
processes, including mtDNA maintenance and mitochondrial proteolysis. Our study 
describes for the first time the redox-dependent dimerization of human PolDIP2 and 
identifies the structural determinants regulating its interaction with CHCHD2, whose 
mutations are linked to Parkinson’s disease in some patients. The findings suggest that the 
redox-sensitive conformational changes of PolDIP2 might introduce additional complexity 
to its interactions within the mitochondrial networks, particularly with CHCHD2, 
potentially influencing related mitochondrial processes. However, further experiments are 
needed to verify the association between PolDIP2 and CHCHD2 in vitro and investigate the 
functional cellular consequences of this interaction. 

In conclusion, the work presented in this thesis explores several aspects of human 
mitochondrial genome maintenance and related mitochondrial processes, highlighting their 
implication for both mitochondrial and cellular health. The findings not only advance 
fundamental research on mitochondrial DNA but also support potential applications for 
targeted therapies in treating mitochondrial-related diseases.   
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